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Abstract 
 

The success of tissue regenerative therapies is contingent upon functional and multicellular 

vasculature within the redeveloping tissue. Endothelial cells (ECs), which comprise the vasculature’s inner 

lining, are intrinsically able to form nascent networks; however, without recruitment of 

pericytes, supporting cells that surround microvessel endothelium, these endothelial-only structures regress. 

To reconstruct a typical in vivo microvascular architecture, distinct cell sources of ECs and pericytes have 

traditionally been used within naturally occurring extracellular matrices (ECMs). However, the limited 

clinically-relevant human cell sources and inherent chemical and physical properties of natural materials 

hamper the translational potential of these approaches. Human pluripotent stem cells (hPSCs) are an 

unlimited source of progenitors from which vascular cells may be derived. Controlled and robust 

differentiation of hPSCs toward vascular lineages is critical for the advancement and future of patient-

specific vascular therapeutics.  

In this work, we first derived a bicellular vascular population of ECs and pericytes, termed early 

vascular cells (EVCs), from hPSCs that undergoes vascular morphogenesis in a synthetic matrix to form 

networks that integrate with host vasculature. Next, we found that low oxygen environments enhance 

endothelial lineage commitment in EVCs. Subsequently, we compared arterial and venous ECs to an adult 

stem cell population, endothelial colony forming cells (ECFCs), revealing that ECFCs deposited abundant 

ECM; mature ECs only produced these ECM proteins under hypoxic conditions via hypoxia-inducible 

factors 1α and 2α. Finally, we found that EVCs differentiated under low oxygen conditions could produce 

copious amounts of collagen IV and fibronectin as well as angiogenic growth factors. EVCs differentiated 

under atmospheric conditions did not demonstrate such abundant ECM expression.  

Collectively, these findings reveal that control over microenvironmental cues via appropriate 

signaling molecules is able to robustly produce critical cells of the vasculature, which may in turn serve as 

novel therapies for vascular diseases or be incorporated into engineered tissue.   
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11  Executive Summary 
The success of tissue regenerative therapies is contingent upon functional and multicellular 

vasculature within the redeveloping tissue. Though endothelial cells (ECs), which comprise the 

vasculature’s inner lining, are intrinsically able to form nascent networks, these structures regress without 

the recruitment of pericytes, supporting cells that surround microvessel endothelium. To reconstruct a 

typical in vivo microvascular architecture, distinct cell sources of ECs and pericytes have traditionally been 

used within naturally occurring extracellular matrices (ECMs). However, the limited clinically-relevant 

human cell sources and inherent chemical and physical properties of natural materials hamper the 

translational potential of these approaches. Because vascular cells derived via biopsies may be diseased or 

have low proliferative capacity, researchers have turned to human pluripotent stem cells (hPSCs) as an 

unlimited source of progenitors from which vascular cells may be derived. Controlled and robust 

differentiation of hPSCs toward vascular lineages is critical for the advancement and future of patient-

specific vascular therapeutics.  

In this work, we first derive a bicellular vascular population from hPSCs that undergoes 

morphogenesis and assembly in a synthetic matrix. We found that hPSCs can be induced to co-differentiate 

into early vascular cells (EVCs) in a clinically-relevant strategy amenable to multiple hPSC lines. These 

EVCs can mature into ECs and pericytes, and self-organize to form micro-vascular networks in an 

engineered matrix. These engineered human vascular networks survive implantation, integrate with the host 

vasculature, and establish blood flow. This integrated approach, in which a derived bicellular population is 

exploited for its intrinsic self-assembly capability to create microvasculature in a deliverable matrix, has 

vast ramifications for vascular construction and regenerative medicine. 

Next, we investigated the influence of low oxygen tension, a critical regulator of the developing or 

regenerating vasculature, on EVC differentiation. Precise elucidation of the role of low oxygen 

environments on endothelial commitment from hPSCs necessitates controlled in vitro differentiation 

environments. We employed a feeder-free, two-dimensional differentiation system in which we could 

accurately monitor dissolved oxygen levels during hPSC differentiation toward EVCs. We found that 
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oxygen uptake rate of differentiating hPSCs is lower in 5% O2 compared to atmospheric conditions. EVCs 

differentiated in 5% O2 had an increased VEcad expression with clusters of VEcad+ cells surrounded by 

PDGFRβ+ cells. When we assessed the temporal effects of low oxygen differentiation environments, we 

determined that low oxygen environments during the early stages of EVC differentiation enhance 

endothelial lineage commitment. EVCs differentiated in 5% O2 exhibited an increased expression of VEcad 

and CD31 along with their localization to the membrane, enhanced lectin binding and acLDL uptake, rapid 

cord-like structure formation, and increased expression of arterial EC markers. Inhibition of reactive 

oxygen species generation during the early stages of differentiation abrogated the endothelial inductive 

effects of the low oxygen environments. Low oxygen tension during early stages of EVC derivation 

induces endothelial commitment and maturation through the accumulation of reactive oxygen species, 

highlighting the importance of regulating oxygen tensions during hPSC-vascular differentiation. 

 Subsequently, we compared properties of harvested arterial and venous ECs to an adult stem cell 

population, endothelial colony forming cells (ECFCs), with respect to marker expression and ECM 

production. ECM production is critical to preserve the function and integrity of mature blood vessels. 

Toward the engineering of blood vessels, studies have centered on ECM production by supporting cells 

whereas few studies implicate ECs with ECM synthesis. Here we elucidate variations between cultured 

human arterial, venous, and progenitor ECs with respect to ECM deposition and assembly, composition, 

and response to biomolecular and physiological factors. Our studies reveal that progenitor ECs, ECFCs, 

deposit collagen IV, fibronectin, and laminin that assembled to an organized web-like structure, as 

confirmed by decellularized cultures. Mature ECs only express these ECM proteins intracellularly. ECFC-

derived ECM was abrogated in response to TGFβ signaling inhibition and actin cytoskeleton disruption. 

Hypoxic (1%) and physiological (5%) O2 tension stimulated ECM deposition from mature ECs. 

Interestingly, deposition of collagen I was observed only under 5% O2 tension. Extracellular matrix 

production from all ECs was found to be regulated by hypoxia-inducible factors 1α and 2α but 

differentially in the different cell lines. Collectively, we suggest that ECM deposition and assembly by ECs 

is dependent on maturation stage and oxygen supply and that these findings can be harnessed to advance 

engineered vascular therapeutics.  
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 Finally, we examined properties of our derived vascular cells that will facilitate their use in tissue 

engineering applications. To be used in engineered constructs and confer therapeutic benefit, transplanted 

vascular cells must exhibit several key properties: (i) ECM production to confer structural integrity, (ii) 

growth factor production to facilitate integration, (iii), ability to generate a large enough quantity of cells, 

and (iv) patient specificity. In this study, we examine the hypothesis that vascular cells derived from human 

induced pluripotent stem cells (hiPSCs) exhibit these critical properties to facilitate their use in engineered 

tissues. Human iPSCs were co-differentiated toward EVCs under varying low oxygen differentiation 

conditions; subsequently ECs were isolated and passaged. We found that EVCs differentiated under low 

oxygen conditions could produce copious amounts of collagen IV and fibronectin as well vascular 

endothelial growth factor and angiopoietin 2. EVCs differentiated under atmospheric conditions did not 

demonstrate such abundant ECM expression, but exhibited greater expression of angiopoietin 1. Isolated 

ECs could be propagated for four passages and demonstrated an increased propensity to produce ECM 

compared to their EVC correlates; however, expression of endothelial marker vascular endothelial cadherin 

dropped over four passages, highlighting a critical need to explore optimal conditions to maintain stable 

endothelial cultures in vitro. These findings illustrate that hiPSC vascular derivates hold great potential for 

therapeutic use and should continue to be a preferred cell source for vascular construction.   

Collectively, these findings reveal that control over microenvironmental cues with appropriate 

signaling molecules is able to robustly produce critical cells of the vasculature, which may in turn serve as 

novel therapies for vascular diseases or be incorporated into engineered tissue.   
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22  Introduction 
 

 An intact and functioning vasculature is crucial to human health, as it maintains homeostasis, 

regulates blood flow, and provides necessary nutrients and oxygen exchange to all parts of the body. 

Hence, diseases which affect the integrity of blood vessels lead to serious and often deadly outcomes. 

Current vascular disease treatments incorporate the surgical implantation of stents or grafts. Although these 

methods have greatly advanced the field of reconstructive vascular surgery, they may be immunogenic or 

may incompletely recover the functional integrity of the vasculature. Furthermore, these therapies neither 

provide permanent solutions nor prevent damage to target organs and thus may cripple patients with heart 

failure, stroke, or limb ischemia. Engineered cell-based vascular therapies offer the possibility of 

permanent and effective treatments for many vascular diseases [1].  

Some inherent, though limited, self-healing capability exists within the vasculature. Cells 

neighboring an injury partially heal the area via proliferation, and progenitor cells can be triggered from the 

bone marrow and home to the site to mature into vascular cells to regenerate the endothelium [2]. However, 

the number of progenitor cells decreases with age and, importantly, with disease progression; additionally, 

their intrinsic capacity for tissue repair decreases dramatically. Because many vascular diseases arise from 

issues with the cellular makeup of the vasculature [3-4], one natural solution is to supplement the location 

with disease-free cells that could rebuild the injured area. However, these harvested somatic cells are 

difficult to isolate, retain the potential for disease or damage, and may damage the donor site. As an 

alternative, pluripotent stem cells (PSCs), such as human embryonic stem cells (hESCs) and the recently 

established induced pluripotent stem cells (iPSCs), have been investigated, since they possess unlimited 

regenerative potential and the capacity to differentiate into all cell types of the body (Table 1-1).  

Adult stem cells that have been implicated in vascular repair include mesenchymal stem cells 

(MSCs) and endothelial progenitor cells (EPCs) (Table 1-1). These adult stem cells are commonly isolated 

from the bone marrow and provide an autologous source of cells as a treatment option. Unlike hESCs or 

iPSCs, adult stem cells cannot differentiate into all cell types of the body; rather, they retain the capacity to 
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differentiate into a few specific cell types, and while they have a lower renewal capability than hESCs, they 

have a greater proliferation rate than terminally differentiated cells, thus still benefiting regenerative 

medicine approaches. Current clinical trials testing stem-cell-based therapies for vascular disease involve 

transfusing harvested adult stem cells, namely EPCs, into the vasculature [5-7]. While clinical trials have 

reported positive results, progenitor cell transfusion is still not a complete solution, as questions remain 

over its contribution to the healing process. Thus, therapies that utilize PSC-derived cells and impart 

scaffold-guided tissue regeneration are promising.  

Cell-based vascular regenerative engineering is still in its infancy; new technologies are rapidly 

emerging but have yet to be clinically translated. This chapter discusses these innovations from three 

angles: (i) the utilization of adult stem cells — MSCs and EPCs — as vascular cell sources, (ii) an 

evaluation of the differentiation potential of hESCs and iPSCs into critical cells of the vasculature, namely 

endothelial cells (ECs), which form the inner lining of blood vessels, and smooth muscle cells (SMCs), 

which provide structure and support; and (iii) the integration of biomaterials with vascular progenitor cells 

to provide a tissue-engineered approach to treating vascular diseases. Ultimately, the optimal solution will 

be at the interface of these technologies, i.e., the incorporation of patient specific iPSC-derived vascular 

cells into biomimetic scaffolds for guided tissue regeneration.  

 

2.1 Adult stem cells 

 Adult stem cells are undifferentiated cells found in various tissues of the human body that are 

capable of differentiating into specialized cell types of that tissue [8]. Unlike embryonic stem cells, adult 

stem cells are not derived by sacrificing an embryo, thus avoiding many of the ethical controversies 

involved in embryonic stem cell research. In fact, adult stem cell therapies, such as bone marrow 

transplants to treat blood disorders, have been in place for decades [9]. Thus, harnessing the potential of 

adult stem cells holds great possibilities for regenerative medicine. 

The bone marrow hosts several important adult stem cell populations which serve to regenerate 

important cell types in the adult human body: hematopoietic stem cells, mesenchymal stem cells (MSCs), 

and endothelial progenitor cells (EPCs). These cells differentiate into cells of the vascular system and 

musculoskeletal system. Here, we will focus on EPCs and MSCs, as their differentiation products must 
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work together intimately to form a functional vascular system. Exploiting these progenitor cells using 

functional biomaterials holds great promise for regenerative therapies and could enhance the body’s ability 

to repair itself.  

 

2.1.1 Mesenchymal stem cells 

 MSCs can differentiate into many different cell types of the mesodermal lineage, including, but 

not limited to, osteoblasts, chondrocytes, adipocytes, and SMCs [10-11]. The multilineage differentiation 

potential of MSCs was discovered over 40 years ago [12]. Though no distinct marker expression exists to 

aid in their isolation, MSCs have been characterized as the adherent subpopulation of cells harvested from 

bone marrow aspirates [10]; they are positive for an array of surface antigens, including SH2, SH3, and 

CD44, and are negative for hematopoietic markers. MSCs are advantageous for regenerative medicine 

applications because they lack major histocompatibility complex II molecules, which incite an immune 

response [13]. Thus, there is potential for allogeneic MSCs to be transplanted with limited risk for immune 

rejection, though it is uncertain whether cells differentiated from MSCs are immunogenic. It will be 

important to resolve this uncertainty prior to use in cell therapies as blood vessels have direct contact with 

circulating immune cells.  

While bone marrow was the original source determined to contain MSCs, these adult stem cells 

have been recently found in umbilical cord blood [14], adipose tissue [14], vessel wall [15-16] and placenta 

[17]. A study which sought to compare the differentiation potentials of MSCs from these various sources 

found that the cells had similar morphologies and immune properties, though MSCs were more difficult to 

isolate from umbilical cord blood than from either bone marrow or adipose tissue [14]. However, umbilical 

cord blood MSCs could be maintained in culture the longest and had the greatest proliferation capacity. 

Despite this finding, many studies employing MSCs isolate them from the bone marrow.   

MSCs have been shown to differentiate into cells of the vasculature. Transforming growth factor–

β3 (TGF-β3) was shown to differentiate MSCs from rat bone marrow into SMCs [18]. Human MSCs 

cultured in the presence of TGF-β1 were also able to differentiate into SMCs [19]. Cell-to-cell contact via 

cocultures of MSCs and ECs has proven effective at promoting SMC differentiation of MSCs. An 

investigation into heterotypic culturing of ECs and 10T1/2 cells, which are mouse mesenchymal precursors, 
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revealed that ECs can recruit MSCs and induce their differentiation into SMCs [20]. Ball et al. confirmed 

that direct cell contact between human ECs and MSCs increased α-smooth muscle actin (α-SMA) 

expression by MSCs, as compared to cultures which lacked cell-to-cell contact [21].  

 

Table 2-1. Potential of stem cells for vascular repair and their sources.  

Reproduced from [22]. 

 

MSC differentiation into ECs, which is less well defined than differentiation into SMCs, remains 

controversial. MSCs isolated from canine bone marrow and seeded on tissue-engineered vascular grafts 

were shown to differentiate into ECs upon subjection to shear stress [23]. When human MSCs isolated 

from healthy donors – which were positive for a panel of markers known to be expressed on MSCs, and 

negative for hematopoietic and endothelial markers – were exposed to high concentrations of vascular 

endothelial growth factor (VEGF) and 2 percent fetal calf serum, differentiation was directed toward the 

endothelial lineage, as confirmed by EC marker expression functionality in vitro [24]. However, further 

investigation and importantly, in vivo studies are needed to confirm the potential of human MSCs to 

differentiate into functional ECs as other studies report no EC-specific markers in MSC differentiation 

studies or even downregulation of EC markers [25-26]. 

 

2.1.2 Endothelial progenitor cells 

 Adult stem cells with angiogenic potential were first isolated and characterized by Asahara and 

colleagues [27]. These bone marrow-derived adult stem cells, defined as EPCs, circulate in the bloodstream 

and can be endogenously triggered to differentiate into ECs, contributing to angiogenesis and 
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vasculogenesis [2]. The research group isolated cells that were positive for both CD34 and VEGF receptor-

2 (VEGFR-2) from human peripheral blood and showed that this subpopulation of cells can differentiate 

into ECs when plated on fibronectin in vitro and can home to sites of angiogenesis in hindlimb ischemia 

models in vivo, demonstrating their progenitor-like capabilities and their critical presence in the circulation.  

Researchers found that EPCs mobilized endogenously in response to ischemia, implying that these 

adult stem cells are a part of our innate healing mechanisms [28]. A limitation of this endogenous stem cell 

population is that the quantity of EPCs in the circulation is low and decreases with age and disease 

progression. Moreover, impaired mobilization of EPCs exacerbates the progression of vascular disease 

[29]. More recently, several groups have isolated this progenitor cell population from umbilical cord blood, 

which possesses a greater number of EPCs than is present in the systemic circulation [30-32]. Other than 

bone marrow, adult peripheral blood, and cord blood, studies have also demonstrated EPC populations in 

adipose tissue [33] and the vessel wall [34-35]. 

Since the establishment of EPCs, several clinical studies have investigated their role in therapeutic 

angiogenesis, the growth of new vasculature to repair ischemic sites [5-7]. Many of these clinical trials, 

performed on patients who were unresponsive to traditional therapy, demonstrated that patients injected 

with bone marrow mononuclear cells (BM-MNCs), which contain populations of both myeloid cells and 

EPCs, into their affected limb exhibited improvements in blood flow and reduced incidence of limb 

amputation. However, most of these clinical trials injected heterogeneous cell populations of BM-MNCs. 

Of the cells implanted in these clinical studies, only about 107 out of 109 cells were CD34+ [6]; thus, it 

remains to be distinguished whether EPCs were the primary contributor to the healing process in the 

studied patients [5-7].  

To add to this problem, the exact identity of EPCs is still controversial, though it is generally 

accepted that these progenitor cells contribute to vasculogenesis in the adult [36]. CD133 was determined 

to be a marker of immature EPCs, occurring earlier than CD34 but lost upon differentiation to ECs [37-39]; 

yet, subsequent studies challenged this notion, proclaiming that CD133+ cells are more appropriately 

associated with hematopoietic progenitors [40-41]. Other studies have demonstrated that CD14+ cells, 

which are commonly CD34-negative and which are isolated from peripheral blood, can also differentiate 

into ECs [42-45]. To further complicate the controversy, when mouse bone marrow was transplanted with 
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green fluorescent protein (GFP)-tagged bone marrow cells, no GFP was observed to be colocalized with 

either EC or SMC markers [46].  

Other studies have attempted to explain the heterogeneity observed in EPCs. Hur et al. distinguished 

two subpopulations, defined as early EPCs and late EPCs [47]. These subsets differed in their proliferative 

capacities, morphologies, EC protein expression, and ability to form capillary tubes. Yoder et al. also 

described two subpopulations, EC-colony-forming units and endothelial colony-forming cells (ECFCs), the 

first of which was not able to form functional vessels in vivo [48-50]. ECFCs, however, were more 

proliferative and could contribute to functional vessels, indicating that only a subpopulation of what are 

considered “EPCs” participates in neovasculogenesis. These conflicting studies necessitate further rigorous 

analysis before the exact identity of an EPC is understood. Thus, the generation of a more homogenous 

population may uncover the precise cell identity that is the major contributor to the vascular repair process 

in these studies. Consequently, a separate line of research has focused on utilizing hESCs or iPSCs to 

regenerate the cell type of interest.  

 

2.2 Embryonic and induced pluripotent stem cells 

Human ESCs are pluripotent cells isolated from the inner cell mass of the developing blastocyst 

[51]. In vitro, these cells can be maintained as undifferentiated cells by culturing them on mouse embryonic 

fibroblasts (MEF) or in feeder-free conditions with a defined medium composition to supply essential 

cytokines and nutrients which promote the undifferentiated phenotype [51]. These stem cells are highly 

suited for vascular regeneration, since they renew indefinitely and provide an inexhaustible source of 

progenitor cells for ECs and SMCs.  

Human iPSCs, recently established as viable alternatives for hESCs [52], are generated via retroviral 

transduction of skin fibroblasts with four transcription factors — Oct4, Sox2, Klf4, and c-myc — which 

confer pluripotency. These cells retain the attractiveness of hESCs — such as unlimited self renewal and 

the ability to differentiate into all cell types of the body — while bypassing ethical controversies over 

embryo sacrifice. Accumulating evidence suggests that iPSCs have similar differentiation capacities to 

hESCs [53], and a new body of literature is emerging surrounding iPSC differentiation into vascular cells. 

Additionally, as iPSCs could provide patient-specific treatment, iPSC therapies eliminate the risk of 
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immune rejection. While many direct comparisons of ESCs and iPSCs have indicated striking similarities 

between their differentiation potentials, a more recent study by Lanza et al. revealed that hemangioblasts 

derived from iPSCs exhibited early senescence and limited proliferative capacity compared to ES cells, 

thereby requiring future iPSC studies to investigate whether such abnormalities may be resolved  [54]. 

 In this section, we discuss recent advances in deriving ECs and SMCs from these PSCs. 

Phenotypically normal cells of both types are crucial to a functional vasculature: ECs form the inner layer 

at the interface with blood, and SMCs provide structure and flexibility to the endothelial lining, allowing 

for appropriate responses to the contracting heart. EC and SMC pathology has been implicated in vascular 

diseases, including cardiovascular disease, hypertension, and atherosclerosis [3-4, 55-56].  

ECs are characterized by their cobblestone morphology, expression of endothelial-specific markers 

such as VEGFR-2, CD34, platelet-endothelial cell adhesion molecule-1 (PECAM1), vascular endothelial 

cadherin (VE-cad), and von Willebrand factor (vWF), capillary-like formation when cultured on Matrigel, 

and incorporation of DiI-labeled acetylated low-density lipoprotein (LDL) [57].  SMCs differ in their 

characterization; they have a spindle-like morphology, express SMC-specific markers, such as α-SMA, 

smooth muscle myosin heavy chain (SM-MHC), and calponin, and contract and relax in response to 

carbachol and atropine [58].  To date, the functionality of derived vascular cells has been validated mainly 

in rodent models. While these therapies have yet to be clinically translated, accumulating evidence suggests 

they have great potential to revolutionize regenerative medicine in the coming years.  

2.2.1 Differentiation via EB formation 

 When colonies of PSCs are transferred to suspension culture, they form embryoid bodies (EBs), 

which are amalgamated masses of spontaneously differentiating cells; EBs, within themselves, contain 

vascular progenitor cells in addition to cells of many other lineages. A recurring theme in published 

differentiation protocols is the isolation of progenitor cells from EBs based on a cell marker of interest 

(Figure 1). The first study to employ this technique for EC derivation isolated cells positive for PECAM-1 

from differentiating EBs after 13 days and demonstrated that these cells also expressed other EC markers 

— such as CD34, VE-cad, and VEGFR-2 — and formed capillary-like structures on Matrigel after several 

passages, confirming their endothelial phenotype [59]. Wang et al. identified a PECAM-1+/VEGFR-

2+/VE-cad+ subpopulation from day 10 EBs which were negative for CD45, a hematopoietic cell marker 
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[60]. These cells were also negative for mature EC markers, such as endothelial nitric oxide synthase 

(eNOS) and vWF, implicating the subpopulation as EC progenitors. These cells were isolated, cultured, and 

allowed to mature in endothelial conditions for seven days and then confirmed for functionality via LDL 

uptake capacity and the presence of mature EC markers. Another group plated EBs after allowing them to 

differentiate for ten days, using flow cytometry to isolate vWF+ cells which exhibited an EC phenotype 

[61]. When implanted in a hindlimb ischemic mouse model, these cells were able to salvage the limb while 

imparting protection from muscle degeneration and improving blood perfusion.  

The EB method has also been used to determine whether a common progenitor of ECs and SMCs 

exists. Ferreira and colleagues isolated CD34+ cells, which were identified as human vascular progenitor 

cells, from EBs differentiating for ten days [58]. When cultured in media supplemented with large amounts 

of VEGF or platelet-derived growth factor–bb (PDGF-bb), these progenitor cells were able to differentiate 

into ECs and SMCs, respectively, as characterized by immunohistochemistry and functionality in in vivo 

models. Another study dissociated and strained EBs differentiating for 3.5 days and plated the cells in blast 

colony expansion media, producing blast cells that could differentiate into hematopoietic cells, ECs, and 

SMCs, which were able to aid in regenerating the vasculature of hindlimb ischemic mice [62]. 

The culture conditions for EB formation also play an important role in guiding differentiation. EBs 

cultured in media supplemented with VEGF for 14 days expressed higher levels of PECAM-1, VE-cad, and 

vWF protein than the control lacking VEGF [63]. EBs cultured in serum-free media, with the sequential 

addition of specific growth factors and bioactive molecules, yielded dramatically increased numbers of ECs 

[64]. The size of EBs has also been studied as an important parameter in differentiation. It has been 

demonstrated that, by controlling EB size, differentiation could be specifically promoted toward endothelial 

lineages with smaller diameter (150 µm) EBs  and toward cardiomyocyte lineages with larger diameter 

(450 µm) EBs, though this study was performed on mouse ES cells and it remains to be shown whether 

similar results would be observed using hESCs [65]. 
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Figure 2-1. Differentiation strategies for vascular differentiation via EB formation. 

Reproduced from [22]. 

 

2.2.2 Controlled differentiation via adherent two-dimensional (2D) cultures  

 While EB differentiation studies have reproducible results, a degree of variability remains, due to 

the random agglomeration of cells. A 2D model serves to overcome this limitation and provides a useful 

platform to more directly study the signaling pathways involved in the formation of vascular cells. Several 

2D differentiation systems have been investigated as means to directly induce EC and SMC differentiation, 

bypassing spontaneous differentiation via EB formation.  

Feeder layers have commonly been used as a way to enrich for a vascular population. Vodyanik 

and Slukvin extensively characterized the differentiation of hESC and iPSC into ECs and hematopoietic 

cells via coculture on mouse OP9 bone marrow stromal cells [66-68]. The feeder layer led to positive CD34 

expression in 20 percent of the cells. Sone et al. also employed an OP9 feeder layer to isolate VEGFR-

2+/Tra-1-60– cells from human ES cells and evaluated their vascular progenitor cell population by 

examining their differentiation into both ECs and SMCs [69]. Small hESC colonies were seeded on the 

OP9 layer, and approximately 15 percent of cells demonstrated the VEGFR-2+/Tra-1-60– phenotype by 

day 8. These cells were then cultured on collagen-IV-coated dishes in the presence of VEGF and 10 percent 
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fetal calf serum, which induced the expression of EC markers, including CD34, VE-cad, PECAM-1, and 

eNOS. When these cells were cultured without VEGF, all cells differentiated into α-SMA+ and calponin+ 

cells, indicative of SMCs. When transplanted in a hindlimb ischemic mouse model, these cells were 

incorporated into the blood vessels, improving blood flow. The results were later confirmed on four lines of 

human iPSCs [70]. 

Alternatively, human ES cells cultured on either S17 or Wnt-expressing M2-10B4 stromal cells 

derived from mouse bone marrow generate a large population of CD34+ cells, which were isolated via 

magnetic sorting and evaluated for their ability to differentiate into ECs [71]. Intriguingly, just two days 

after these hES-cell-derived ECs were later transferred to SMC culture conditions in media supplemented 

with PDGF-BB and TGF-β1, a dramatic change occurred in morphology, diminishing EC marker 

expression and tube formation potential on Matrigel, and increasing SMC marker expression and 

functionality, which suggests that a population of ECs may have the capacity to further differentiate into 

SMCs. Culture on an Hs27 feeder layer in the presence of bone morphogenetic protein-4 (BMP4), VEGF, 

and fibroblast growth factor-2 (FGF2) and without serum was also shown to upregulate a CD34+ 

progenitor cell population which could differentiate into both ECs and SMCs upon further cell-specific 

culture, though functionality was not confirmed in vivo [72].  

Another study found that hESCs cultured on MEF in differentiation media yielded 5 to 10 percent 

CD34+ cells by day 10 [73]. While this percentage of yield was similar to that obtained from EB 

differentiation, the absolute number of CD34+ cells was higher in 2D culture. The CD34+ population was 

then enriched via magnetic sorting and, when cultured in media containing VEGF and basic fibroblast 

growth factor (bFGF), developed the expression of PECAM and VE-cad, indicative of ECs. Importantly, 

when these cells were injected into SCID mice, they were incorporated into the vasculature within two days 

of implantation and were durable for 150 days.  

Feeder-free options have also been assessed and are attractive alternatives. These strategies rely 

less heavily on the isolation of cells that are positive for a specific marker, instead utilizing either stepwise 

or controlled conditions to directly induce ECs or SMCs. 

We previously determined that undifferentiated hESCs grown on collagen-IV-coated dishes for six 

days and strained through a 40 um filter could further differentiate into ECs, when cultured in VEGF, or 
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into SMCs, when cultured in PDGF-BB [74]. A cocktail of growth factors, including VEGF, bFGF, 

insulin-like growth factor (IGF), and epidermal growth factor (EGF) were shown to be sufficient to 

differentiate single rhesus ESCs into ECs, though these results have not been confirmed using human ESCs 

[75]. Human ESCs that were first cultured as EBs, transferred to adherent culture on gelatin-coated dishes 

for six days, and then transferred to smooth muscle growth media were shown to differentiate into SMCs 

[76]. We have studied a robust, two-step method to produce functional SMCs via culture on collagen IV in 

media supplemented with PDGF-bb and TGF-β1 [77]. Furthermore, treatment with all-trans retinoic acid 

(RA) has been shown to induce SMCs directly from hES cells, with up to approximately 93 percent 

efficiency, though this single-step method has not been tested on human iPSCs [78].  

A feeder-free 2D model has also been used to examine specification into various endothelial 

lineages, i.e. artery, vein, and lymphatic ECs, from mouse ES cells [79].  Flk1+ cells were isolated and re-

cultured on collagen IV in VEGF in the presence or absence of 8-bromo-cAMP to induce artery or venous 

ECs, respectively. However, differentiation toward specific endothelial lineages remains a challenge with 

human ESCs. Furthermore, differentiation protocols which confer arterial-venous specification from hESCs 

are still under investigation. To complicate matters, ECs vary between tissue types at molecular, structural, 

and functional levels [80]. Thus, future differentiation studies will require close examination of the 

signaling pathways which govern EC type of a particular tissue.  

 

2.2.3 New insights into differentiation technology  

Insight into the signaling pathways that regulate commitment to the vascular lineage could vastly 

improve differentiation technology. Recently, several early markers and signaling molecules have been 

elucidated in vascular differentiation. A recent study implicated neuropilin, a coreceptor of VEGF, as an 

early endothelial progenitor  marker that appears prior to CD34 [81]. A member of the TGF-β superfamily, 

BMP4 was shown to accelerate commitment to the EC lineage via EB formation, as demonstrated by a shift 

in the peak of VEcad+/VEGFR-2+ cells from twelve days to seven days [82]. BMP4 was also shown to 

direct vascular cell specification in a 2D differentiation method [72]. Human ES cells were cultured on an 

Hs27 feeder layer for ten days and then selected for expression of CD34. The researchers found that 

without the addition of BMP4 from days 1 to 3 of differentiation a significant CD34+/PECAM-1+ EC 
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progenitor population was not formed. Additionally, they observed that hESCs induced to differentiate via 

Wnt-expressing stromal cell co-culture conditions generated more CD34+ progenitor cells than via a co-

culture which did not possess this same Wnt-signaling property [71]. Furthermore, transfection of ES cells 

with Tie1 promoter was shown capable of generating a homogenous population of ECs [83]. However, this 

transfection study was performed using mouse ES cells and thus would need to be confirmed using hESCs 

to validate the relevance of the isolation method.  

Another important signal in vascular differentiation is oxygen tension, owing to the fact that ECs 

are in direct contact with the blood, positioning them as the first responders to changes in O2 levels. A 

number of studies have implicated hypoxia, or low oxygen tension, in EC differentiation from hPSCs [84-

86]. Hypoxia is typically characterized as O2 levels less than 5% O2, compared to an atmospheric oxygen 

level of 21%. A recent study examining the effect of 1% and 5% O2 differentiation conditions demonstrated 

that hypoxic conditions downregulates pluripotent markers while simultaneously increasing angiogenic and 

vasculogenic genes in hESCs [84]. Moreover, just 24 hours of 5% O2 differentiation yielded a population 

exhibiting 50% CD34 positive expression.  When these derived ECs were transplanted into an infarct, they 

were able to alleviate fibrous scar tissue by 50%.  

A recurring challenge that arises with stem cell therapy is generating a sufficient number of cells 

for implantation. James et al. sought to overcome this challenge by screening for molecules which might 

enhance differentiation into an endothelial lineage [64]. The research group found that a TGF-β inhibitor 

could significantly increase the number of ECs generated from hESCs and iPSCs. The cells were cultured 

as EBs in suspension in defined media for four days, followed by adherent culture for another ten days. 

Cells isolated for PECAM-1 expression, when subsequently expanded in the presence of the TGF-β 

inhibitor, yielded approximately six times more ECs than cells cultured in the absence of the inhibitor. 

When derived ECs were subcutaneously injected into NOD/SCID mice, they colocalized with lectin+ cells, 

indicating that they were incorporated into the host vasculature.  

Insight into the derivation potential of hESCs and iPSCs promises to stimulate new tissue 

engineering approaches conducive to vascular differentiation. However, the successful transition from 

benchtop to the clinic will require appropriately engineered scaffolds for controlled delivery.  
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2.3 Progenitor-cell-based tissue engineering approaches 

 Ultimately, the replacement of injured vasculature will require the incorporation of cells within 

biomimetic scaffolds in order to produce and deliver structures that can endure to shear forces from blood 

and contractile forces from the heart. In 1986, Weinberg and Bell performed one of the earliest studies to 

juxtapose these components [87]. By sequentially seeding bovine SMCs, fibroblasts, and ECs into a 

hydrated collagen gel supported by a Dacron mesh, the construct exhibited a functional endothelium and 

was able to support physiologic pressures without bursting. Since their initial study, substantial progress 

has been made toward further advancing blood vessel engineering. One drawback of utilizing terminally 

differentiated cells is that harvesting the cells requires blood vessel biopsies, which could damage the donor 

site. Thus, a growing area of research involves the application of vascular progenitor cells. Here, we 

discuss three emerging progenitor-cell-based strategies to engineer improved vascular therapies: (i) 

endothelialization of vascular grafts for improved patency and reduced thrombosis, (ii) reconstruction of 

vessel structures in vitro for subsequent transplantation, and (iii) development of delivery vehicles to 

transplant viable vascular cells. The diversity of the systems described here aptly depicts the wide variety 

of tissue-engineering approaches currently being studied for vascular repair (Figure 1-2).  

 

Figure 2-2. Progenitor cell-based strategies to engineer improved vascular therapies. 
Adapted from [22]. 
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2.3.1 Endothelialized vascular grafts 

 A classic and widely researched approach is the in vitro endothelialization of vascular grafts and 

their subsequent transplantation for vascular replacement therapy [88]. This technique improves patency 

and minimizes blood clotting due to the endothelial layer on the luminal surface of the graft. Progenitor 

cells have been utilized in this respect to accelerate the re-endothelialization of vascular grafts. Compared 

to surgically harvesting ECs, EPC collection is much less invasive and thus may be more suitable for 

autologous cell seeding of grafts. 

Polyester-based polymers have been largely explored for cell-seeded vascular grafts. MSCs, in 

addition to human umbilical vein ECs (HUVECs) and SMCs, were seeded onto poly(trimethylene 

carbonate) (PTMC) tubular structures and shown to adhere and proliferate [89]. SMCs seeded onto the 

construct and cultured for seven days demonstrated mechanical properties similar to those of natural blood 

vessels. Another polyester-based polymer, poly(1,8-octanediol-co-citrate) (POC), was also shown to 

support a functional endothelium layer of EPCs which matured into ECs [90]. This EPC-seeded POC graft 

demonstrated fibrinolytic and antithrombogenic potential by producing eNOS and tissue plasminogen 

activator (tPA). Another study demonstrated that polyethylene terephthalate (PET) grafts coated with 

CD34+ EPCs accelerated endothelialization in a dog aorta [91]. Rat MSCs have been seeded on a 

copolymer of ε-caprolactone and lactic acid (PCLA) scaffolds and were shown to differentiate into ECs 

under shear stress [23]. Human MSCs were cultured on polyglycolic acid (PGA) mesh scaffolds cultured in 

blood vessel bioreactors and precoated with fibronectin [92]. Under cyclic strain, these MSCs were induced 

to differentiate into SMCs. This system was tailored for complete cellular replacement of the vessel wall; 

the PGA mesh was shown to degrade almost entirely while, after eight weeks in bioreactor culture, the cells 

remained intact in a vessel structure.  

EPCs have been seeded on a tubular scaffold made of expanded polytetrafluoroethylene (ePTFE), 

a flexible fluorocarbon-based polymer widely used in biomedical applications [93]. Though cell coverage 

of the porous ePTFE graft was not as dramatic as that observed with autologous bone marrow cells, the 

EPC-seeded graft remained patent after 28 days of implantation, and 60 to 70 percent endothelialization 

was observed, indicating the presence of inherent homing signals to promote coverage in vivo. Another 

ePTFE graft required modification with hydrophilic groups on the luminal surface to promote the 
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attachment and growth of ECs derived from EPCs [94]. When EPCs were seeded on a microporous 

polyurethane (PU) graft coated with gelatin, they were able to fully cover the graft in a confluent 

monolayer and aligned with the direction of flow [95]. Though this study did not examine in vivo behavior, 

it did confirm the nonthrombotic potential of EPC-seeded grafts via the ability of EPCs to produce amounts 

of tPA comparable to HUVECs.  

Decellularized constructs are also advantageous for use in graft therapy, as they retain the natural 

extracellular matrix of blood vessels. EPCs derived from sheep were seeded on decellularized porcine 

vessels and preconditioned under hydrodynamic shear stress prior to implantation [96]; the construct was 

successfully utilized as a carotid graft and remained patent for 130 days. Furthermore, the EPC-seeded 

grafts were tested for functionality via their ability to contract and relax in response to pharmacological 

agents, exhibiting behavior similar to a native artery. Cho and colleagues differentiated bone marrow cells 

in vitro into SMCs and ECs and subsequently seeded them on decellularized canine carotid arteries [97]. 

These cell-seeded grafts were patent for eight weeks and formed the three blood vessel layers – 

endothelium, media, and adventitia.  

 

2.3.2 Cellular assembly of vessel structures in vitro 

In contrast to graft endothelialization, rebuilding vessels in vitro within scaffolds utilizes cues 

inherent to the cells themselves or present in the material to form tube structures without the specified 

architecture of a tube. This method also provides a mean of vascular replacement therapy. Wu et al. 

demonstrated microvessel formation within PGA–poly-L-lactic acid (PLLA)-based scaffolds [98]. EPCs 

seeded alone did not form vessel structures, but when EPC-derived ECs and SMCs were seeded onto these 

biodegradable scaffolds, microvessels were observed throughout. Histological sections of the scaffolds 

revealed microvessels lined with PECAM-1+ cells, though α-SMA staining did not suggest that these 

microvessels were lined with SMCs.  

The properties of the biomimetic scaffold must be precisely controlled for vessel formation. We 

found that VEGF concentration and substrate stiffness are key parameters for controlling tube 

morphogenesis [99]. Softer hyaluronic-acid- based hydrogels yielded elongated structures of EPCs and 

decreased expression of matrix metalloproteinase (MMP), a protease used to degrade the basement 
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membrane, which characterizes the onset of angiogenesis. Interestingly, growth factors, such as bFGF and 

VEGF, promoted cell migration and thus actually weakened network stability, though this finding was 

observed on HUVEC-based structures seeded on polyacrylamide gels [100]. Polyethylene glycol (PEG)-

based hydrogels engineered with both arginine-glycine-aspartic acid (RGD) binding sites and MMP-

sensitive peptides were seeded with ECs and MSCs[101]. On softer hydrogels, this composite system 

produced cell self-assembly of HUVECs into tubule-like structures lined with MSCs.  

ECs derived from hESCs can also form vessel structures in biomimetic scaffolds, though they 

often require co-implantation with another cell type. Human-ES-cell-derived ECs were co-implanted with 

myoblasts on a porous, biodegradable PLLA/poly(lactic-co-glycolic acid) (PLGA) scaffold, mimicking 

skeletal muscle tissue [102]. Co-implantation promoted stable vessel formation in vitro, and ECs were able 

to form tube structures surrounded by myoblasts. The further addition of embryonic fibroblasts increased 

vascularization dramatically, as validated by increases in EC number, lumenal area, and VEGF expression. 

When the constructs were implanted into mice, they promoted vascularization in the engineered tissue in 

vivo. A similar approach was used to vascularize cardiac tissue [103]; hESC-derived ECs seeded along with 

hES-cell-derived cardiomyocytes and embryonic fibroblasts on PLLA/PLGA scaffolds generated 

vascularized cardiac tissue. When this triculture system was implanted into a rat model, the vascularized 

construct was functional and increased tissue perfusion [104]. We have recently demonstrated that SMCs 

derived from hESCs surround and support EPC-based tubes when seeded in Matrigel at varying cell 

concentrations [77]. Increasing the percentage of hES-cell-derived SMCs promoted elongated tubes, 

formed less complex networks, and stabilized the EPC tubes, which otherwise lost their structure after 48 

hours.  

2.3.3 Biomaterials for stem and progenitor cell delivery 

Cells and biomaterials have been used in conjunction as a way to deliver viable cells to the host 

vasculature for incorporation at the target site. Unlike the previous two techniques, this method is 

characterized as a vasculogenesis promoting therapy.  Collagen-fibronectin gels have been widely studied 

for cell delivery to promote neovessel formation. HUVECs and mouse 10T1/2 cells seeded into collagen-

fibronectin gels formed functional vessels that integrated into the host vasculature and were durable for one 

year in vivo [105]. When seeded alone, HUVECs were unable to form durable vessel structures and 
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required 10T1/2 cells for stability. Furthermore, the 10T1/2 cells were confirmed to differentiate into SMCs 

via expression of α-SMA. ECs derived from hESCs were also implanted into SCID mice in a collagen-

fibronectin gel [73]. These ECs were able to become incorporated into the vasculature and likewise 

required the presence of 10T1/2 cells. These vessels retained their structure and functionality for 150 days. 

Cord-blood- and peripheral-blood-derived EPCs have been studied for their ability to contribute to 

vessel formation via implantation in hydrogels. EPCs derived from either peripheral blood or cord blood 

were found to be able to form vessels with 10T1/2 cells in collagen-fibronectin gels [106]. However, cord 

blood EPCs formed denser and more durable vessels in vivo than peripheral blood EPCs. Contrastingly, 

when either cord blood or peripheral blood EPCs were seeded instead with MSCs in Matrigel plugs, similar 

microvascular networks were formed with either combination in vivo based on microvessel density, 

suggesting that MSCs may possess a robust potential to stabilize tube structures [107].  

EPCs have also been co-encapsulated with human adipose stromal cells (ASCs) in collagen-

fibronectin gels and implanted subcutaneously in NOD/SCID mice [108]. The vasculature formed here 

implicated the capacity of ASCs to behave as pericytes. Presentation of both cells types produced denser 

and more complex networks compared to implantation of either cell type alone. The addition of 

parenchymal cells to the construct yielded neo-organs that contained functional chimeric human blood 

vessels.  

Collagen-fibronectin gels have also been used to explore the potential of human MSCs to form 

vessel structures [109]. While MSCs alone could not promote vessel formation in the implanted gels in 

vivo, co-encapsulation with HUVECs formed stable and functional blood vessels for 130 days.  

Other types of gels have also been used for cell delivery in order to promote vasculogenesis. Silva et 

al. proposed the idea of exploiting a macroporous alginate-based hydrogel delivery system to act as a 

scaffold for a depot of cells which might be utilized by the host to replace damaged tissue [110]. These 

hydrogels encapsulated either ECs or a combination of ECs and EPCs and contained RGD ligands and 

VEGF to maintain cell viability and promote migration. Implanting EC-encapsulated hydrogels in an 

ischemic hindlimb mouse model stimulated angiogenesis. However, when EPCs and ECs were co-

encapsulated, normal perfusion levels were rapidly achieved and the occurrence of necrosis was greatly 

reduced compared to single-cell encapsulation.  A hyaluronan-based nonwoven fibrous scaffold has also 
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been shown to promote early EPC culture and differentiation into ECs [111]. The scaffold was capable of 

supporting cell viability, attachment, and proliferation and the attached cells exhibited angiogenic 

properties, implicating the system as a potent cell delivery vehicle. 

 

2.4 Expert commentary and five-year view 

 Thus far, we have reported recent advances in applying stem-cell-based therapies for vascular 

repair. While stem cell research has come a long way toward repairing the vasculature since its inception, 

with the recent advent of iPSCs, we expect to see even greater advances in stem cell engineering over the 

next five years; it remains to be determined whether all of the hESC differentiation strategies are validated 

using iPSCs. Furthermore, we expect advances in biomaterials and in the interdisciplinary study of cell-

material interactions to further accelerate progress toward cell-based constructs for vascular disease. Here, 

we have discussed both EC and SMC differentiation from PSCs and the applications of vascular cells in 

biomimetic scaffolds. The differentiation of adult stem cells into ECs requires extensive further research to 

determine the absolute phenotype of cells capable of regenerating the endothelium in order to fully harness 

autologous transplantation for vascular disease, before iPSC therapy can move to the clinic. Clarification of 

this phenotype would also benefit differentiation from hESCs and iPSCs, as it may lead to novel insights 

into the signaling pathways leading towards the differentiated vascular cell types. Additionally, veins and 

arteries contain different types of ECs with varying functional requirements. It will be imperative to 

determine appropriate differentiation strategies from human sources into these distinctive EC types in order 

to harness stem cell-based therapies for vascular repair.  

 

These topics set the stage for the future incorporation of iPSC-derived vascular cells into scaffolds 

to create patient-specific therapies that are not limited by cell number. While iPS-cell-derived vascular cells 

have yet to be studied for their behavior within biomimetic scaffolds, this incorporation is the logical next 

step toward clinically translatable therapies.  

Human iPSC technology is growing exponentially. Advances have already been made toward 

improving the efficiency of the reprogramming process and deriving iPSCs from various cell sources, such 

as bone marrow cells and adipose stem cells [112-115]. Additionally, researchers have focused on methods 
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to eliminate the retroviral component of the reprogramming process. Cre recombinase was harnessed to 

excise the transfected portions flanked by loxP sites after reprogramming was complete [116]. The 

researchers isolated fibroblasts from patients suffering from Parkinson’s disease, reprogrammed them to 

pluripotency, excised the transfected exogenous genes, and subsequently guided their differentiation into 

functional neurons. This study clearly depicts the galvanizing potential of iPSCs in regenerative medicine.  

Over the next five years, such innovative iPSC applications for regeneration of vascular tissue will 

likely be realized in conjunction with advances in appropriate bioactive scaffolds. We predict that the 

interface of cell- and tissue-engineering technologies will be at the forefront of these vascular therapies, 

offering brighter futures for patients afflicted with vascular disease.  

 

The above content was published in Expert Review of Cardiovascular Therapy (2010) DOI: 

10.1586/erc.10.121 and is reprinted in support of a doctoral thesis with permission from Elsevier. (License 

# 3323070013680) 

 

2.5 Thesis overview 

The overall goal of this thesis was to investigate the use of hPSCs in vascular reconstruction and 

harness intrinsic cues that stimulate vascular growth, namely hypoxia, to augment vascular differentiation 

and assembly from hPSCs.  

To do this, I sought to develop an appropriate, clinically relevant differentiation protocol to guide 

hPSCs toward early vascular cells (EVCs), a bicellular population made up of ECs and pericytes, that could 

be leveraged for three dimensional networks in synthetic hydrogels, and then introduced hypoxic 

conditions to promote EC fate. Detailed experimental techniques for these procedures as well as assays to 

confirm cellular phenotypes are described in Chapter 2. Chapter 3 discusses the use of various types of 

biomaterials used to study human vascular development and growth. It covers the architecture of the 

vasculature, from its cellular to extracellular matrix components, as well as biomaterials engineered to 

investigate precise mechanisms involved in vascular growth and to promote vascularization. In Chapter 4, I 

describe the most recent findings and challenges encompassing vascular differentiation from hiPSCs.  

Chapter 5 illustrates the derivation of EVCs from multiple hPSC lines, their subsequent self assembly in 
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synthetic, hyaluronic acid-based hydrogels, and functional integration with host vasculature upon in vivo 

implantation. Chapter 6 investigates the influence of hypoxic differentiation environments on EVCs. We 

were able to demonstrate that adding a low oxygen differentiation environment enhances EC differentiation 

potential from hPSCs. Chapter 7 details the characterization of mature ECs and ECFCs with respect to 

marker expression and ECM production. These studies highlight a role for hypoxia in the deposition of 

ECM by mature ECs, whereas ECFCs were able to deposit ECM under atmospheric conditions. In Chapter 

8, we examine the potential for our vascular derivatives to produce ECM and growth factors, and be 

expanded and passaged into a clinically relevant quantity of cells for transplantation. The thesis will 

conclude with Chapter 9, providing a discussion and proposal for future work.  
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33  Overview of Methods 
 

 By recapitulating the vascular stem cell niche via stem cells, biochemical cues, hypoxic regulation, 

and biomaterials, we can control and study the primary regulators in vascular growth. Herein I will describe 

the methods used to rebuild vasculature in the lab.   

 

3.1 Cell culture and differentiation 

3.1.1 Human pluripotent stem cells (hPSCs) 

Human ESC line H9 (passages 15 to 40; WiCell Research Institute) and hiPSC lines MR31 [117], BC1 

[118-119], and a GFP transgenic hiPSC line (Clone 26 hCBiPS aMHCneoPGKhygro + pCAGGS2 Passage 

47+10, kindly provided by Dr. Ulrich Martin, Hannover Medical School, Germany) [120] were cultured on 

inactivated mouse embryonic feeder layers (Globalstem) in growth medium made up on 80% ES-

DMEM/F12 (Globalstem) supplemented with 20% knockout serum replacement (Invitrogen) and either 

4ng/ml basic fibroblast growth factor (bFGF; Invitrogen) for hESCs or 10ng/ml basic bFGF for hiPSCs. 

Cells were passaged every 4-6 days with type IV collagenase (Invitrogen) and media were changed daily. 

Cell lines were routinely examined for pluripotent markers using immunofluorescence staining and flow 

cytometry analysis for TRA-1-60, TRA-1-81, SSEA4, and Oct4. See Table 2-1 for details on the various 

hPSCs.  

Table 3-1. hPSC lines studied  

hPSC line Type Reprogramming factors Source Ref. 

H9 hESC -- blastocyst [51] 

MR31 hiPSC OSK IMR90 (normal, fetal lung fibroblasts, XX) [117] 

BC1 hiPSC Plasmid encoding OSKML CD34+ cells from bone marrow [118-119] 

GFP-hiPSC hiPSC OSLN Cord blood-derived ECs [120] 

O=OCT4; S=SOX2; K=KLF4; M=c-MYC; L=LIN28; N=NANOG.  Adapted from [121]. 
 

3.1.2 hPSC differentiation 

Human PSCs were collected through digestion with ethylenediaminetetraacetic acid (EDTA; 

Promega), separated into an individual cell suspension using a 40-µm mesh strainer (BD Biosciences), and 
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plated onto collagen IV (Trevigen) coated plates at a concentration of 5x104 cells/cm2. Cells were cultured 

for 6 days in a differentiation medium composed of alpha-MEM (Invitrogen), 10% FBS (Hyclone) and 0.1 

mM β-mercaptoethanol (β-ME), with the media changed daily. On day 6, differentiated cells were collected 

through digestion with TrypLE (Invitrogen), separated with a 40-µm mesh strainer, and seeded at a 

concentration of 1.25x104 cells/cm2 on collagen-type-IV-coated plates in endothelial cell growth media 

(ECGM) (PromoCell) supplemented with 2% FBS, 50ng/ml VEGF with 10µM SB431542 (Tocris) where 

described in the text for 6 days and labeled early vascular cells (EVCs). Media was changed every other 

day. 

3.1.3 EC differentiation 

On day 12, derived EVCs were either sub-cultured in differentiation medium or sorted for VEcad+ 

cells. For this, EVCs were collected through digestion with Magnetic Activated Cell Sorting (MACS) 

buffer (0.5M EDTA and 1% BSA in PBS), incubated with 10ul anti-human, PE-conjugated VEcad (BD) in 

MACS buffer for 45 minutes on ice, washed, incubated with 20 ul anti-PE microbeads (Miltenyi Biotec) in 

80ul MACS buffer for 15 minutes at 4°C, and washed twice. Cells were re-suspended in 500µl MACS 

buffer and separated using a MS MACS separation column (Miltenyi Biotec). VEcad enrichment or 

depletion was confirmed by flow cytometry. Sorted cells were cultured on collagen-type-IV-coated dishes 

for an additional 6 days in ECGM supplemented with 50ng/ml VEGF and 10µM SB431542. Media was 

changed every other day. 

3.1.4 Pericyte differentiation 

We adapted a published protocol for pericyte maturation [122]. Briefly, On day 12, derived EVCs 

were collected through digestion with TrypLE and re-plated on tissue culture treated 6 well plates in media 

comprised of DMEM and 10% FBS. After 2-3 hours, unattached cells were removed and media was 

replaced. Cells were cultured for 6 days, changing the media every second day. 

 

3.2 Molecular biology procedures 
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3.2.1 Flow cytometry 

 Approximately 250,000 live cells in 100 µl 0.1% bovine serum albumin (BSA; Sigma) in PBS 

were incubated with conjugated antibodies mentioned in the text and in Table 2-2. Cells were washed 

twice with 0.1% BSA, and strained through a 0.22µm filter to eliminate cell clumps. User guide 

instructions were followed to complete the flow cytometry analysis on a BD FACSCalibur flow cytometer. 

Forward-side scatter plots were used to exclude dead cells. All analyses were done using and appropriate 

IgG isotype control. Quantification was performed using Cyflogic v. 1.2.1 to calculate geometric means 

and %CV of fluorescent peaks.  

Table 3-2. Antibodies used in the studies  

IF= immunofluorescence; FC= flow cytometry; IHC= immunohistochemistry.  Reproduced from [121]. 

Antibody Source Catalog # Purpose Host Species & Reactivity Concentration 

AcLDL Invitrogen L-3484 IF ECs 10 μg/ml 

AlexaFluor 488 Invitrogen A11008 IF Goat anti-rabbit 1:1,000 

Calponin Dako M3556 IF Mouse anti-human 1:100 

CD105-PE eBioscience 12-1057-41 FC Mouse anti-human 1:10 

CD146-PE BD 550315 FC Mouse anti-human 1:10 

CD31 Dako M0823, clone JC70/A IF; IHC Mouse anti-human 1:200; 1:50 

CD31-PE BD 555446 FC Mouse anti-human 1:10 

CD44-PE BD 550989 FC Mouse anti-human 1:10 

CD45-PE BD 555483 FC Mouse anti-human 1:10 

CD73-PE eBioscience 12-0739-41 Clone AD2 FC Mouse anti-human 1:10 

Cy3 Sigma C2181-1ML IF Sheep anti-mouse 1:50 

Dapi Roche 10236276 IF Nucleus 1:1,000 

eNOS BD 610297 IF Mouse anti-human 1:100 

FITC Sigma F2883 IF Sheep anti-mouse 1:50 

IgG-Alexa Fluor 488 eBioscience 53-4724-80 Clone 

eMB2a 

FC Mouse IgG Isotype 

control 

1:10 

IgG-FITC BD 554679 FC Mouse IgG Isotype 

Control 

1:10 

IgG-PE BD 555749 FC Mouse IgG Isotype 

Control 

1:10 

HRP-secondary Dako K4063 IHC HRP polymer anti-mouse 1:1 

NG2 Santa Cruz sc-53389 IF; IHC Mouse anti-human 1:100 

NG2-Alexa Fluor 488 eBioscience 53-6504-82 Clone 9.2.27 FC; IF Mouse anti-human 1:10; 1:100 

PDGFRβ Santa Cruz SC-432 IF Rabbit anti-human 1:100 

PDGFRβ-PE R&D FAB1263P FC Mouse anti-human 1:10 

Tra-1-60-FITC BD 560380 FC Mouse anti-human 1:10 

Tra-1-81-FITC BD 560194 FC Mouse anti-human 1:10 

Ulex lectin Vector Lab FL-1061 IF Human ECs 1:50 

VEcad Santa Cruz sc-9989 IF Mouse anti-human 1:200 

VEcad-FITC BD 560411 FC Mouse anti-human 1:10 

VEcad-PE BD 560410 FC Mouse anti-human 1:10 

VEGFR2-PE BD 560494 FC Mouse anti-human 1:10 

vWF Dako M0616 Clone F8/86 IF Mouse anti-human 1:200 
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3.2.2 Immunofluorescence staining and microscopy  

Cells were fixed using 3.7% paraformaldehyde, incubated in 1% BSA, followed by 0.1% Triton-X, 

and stained with primary antibodies (Table 2-2) for 90 minutes minimum. The cells were washed with PBS 

three times, and incubated with the appropriate secondary fluorophore (Table 2-2) for 1 hour. Cells were 

washed, counterstained with DAPI to visualize cell nuclei, and imaged using an Olympus BX60 

microscope. 

3.2.3 Quantitative real time RT-PCR 

Total RNA was isolated from cells using TRIzol (Invitrogen) according to manufacturer’s 

instructions. Total RNA was quantified using an ultraviolet spectrophotometer and validated for having no 

DNA contamination. RNA (1µg/sample) was transcribed using reverse transcriptase M-MLV and oligo(dT) 

primers (both from Promega Co.,) according to the manufacturer’s instructions. We used TaqMan 

Universal PCR MasterMix and Gene Expression Assay (Applied Biosystems) according to manufacturer’s 

instructions for genes mentioned in the text in addition to β-ACTIN and HPRT1. The TaqMan PCR step 

was performed with a StepOne Real-Time PCR system (Applied Biosystems) according to manufacturer’s 

instructions. The relative expressions of these genes were normalized to HPRT1 or β-ACTIN amount in the 

same cDNA by using the manufacturer’s standard curve method. For each primer set, the comparative 

computerized tomography method was used to calculate the amplification differences between different 

samples.  

 

3.3 Preparation of hyaluronic acid (HA) hydrogels 

3.3.1 Peptides 

The cell adhesive peptide GCGYGRGDSPG (MW: 1025.1 Da; bold italics indicates the RGD 

integrin-binding domain) and matrix metalloproteinases (MMP) sensitive crosslinker 

GCRDGPQG↓IWGQDRCG (MW: 1754.0 Da; down arrow indicates the site of proteolytic cleavage) were 

obtained from GenScript Corporation (Piscataway), all with more than 95 percent purity (per manufacturer 

high-performance liquid chromatography analysis). 
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3.3.2 EVC encapsulation and culture 

AHA polymer (3 wt%) was dissolved in a sodium phosphate buffered saline (NaPBS buffer: 0.1 

M sodium phosphate, 0.3 M total osmolarity, pH 8.0. The cell adhesive peptides (RGDS; GenScript) were 

dissolved in NaPBS buffer and added to the AHA solution at final peptide concentration of 3.7 mM and 

allowed to react for one hour with gentle shaking. Recombinant human VEGF165 (Pierce), bFGF 

(Invitrogen), Ang-1 (R&D), tumor necrosis factor-alpha (TNF-α; R&D) and stromal cell-derived factor-1 

(SDF-1; R&D) were added at 50 ng/ml into the AHA-RGDS mixture. Derived EVCs were encapsulated in 

HA hydrogels at a density of 2-4 X 106 cells/ml. Following the resuspension of cells, the MMP solution 

was added at 4.83 mM (corresponding to the 25 percent of available acrylate groups within the 3 wt% 

AHA). Immediately after adding the MMP crosslinker, 40 µl of this mixture was pipetted into sterile molds 

(5 mm diameter, 2 mm height) and allowed to react for 15 minutes at room temperature inside the laminar 

flow hood (Figure 2-1). The formed constructs were cultured for up to three days in endothelial growth 

media 2 (EGM2; Lonza). Visualization and image acquisition were performed using an inverted light 

microscope (Olympus) and a confocal microscope (LSM 510 Meta; Carl Zeiss) at various times during 

culture. We performed FM-464 vacuole staining (Invitrogen) following the manufacturer's protocol. To test 

parallel differentiation, day 12 EVCs were also cultured in adherent culture in EGM 2 (Lonza) for 3 days 

with media changed daily. 

 
Figure 3-1. EVCs encapsulated in HA hydrogels. 

EVCs are mixed with acrylated HA polymer, growth factors, RGD, and MMP sensitive crosslinkers within a mold 

(left) and after polymerization, cultured in media in a 24 well plate (right).  

 

3.4 Hypoxic regulation 

3.4.1 Dissolved oxygen (DO) measurements 

 DO was measured noninvasively, using a commercially available sensor dish reader (SDR; PreSens 

GmbH) capable of reading DO levels from an immobilized fluorescent patch affixed to the bottom of 
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culture plate (Oxo-Dish OD-6; PreSens). The plates are sterilized and calibrated by the manufacturer for 

consistency in measurements. The dishes were then coated with collagen IV in a manner identical to dishes 

without sensor patches; All measurements were performed in a controlled environment within an incubator 

at 37 °C, and were taken every thirty minutes.  

3.4.2 Hypoxic culture 

Cells were allowed to attach in normoxic (21% O2) conditions for 4 hours, and then subjected to 

physiologic (5% O2) conditions in a hermetically sealed chamber. 5% oxygen concentration was achieved 

by flushing the chamber with a 5% O2-5%CO2-N2 balance for 3 min at 3 psi and three times every thirty 

minutes. Humidity was maintained in the chamber by inclusion of sterile water in a petri dish at the bottom 

of the chamber. The chamber was flushed and media was changed after 3 days to avoid slight changes in 

control oxygen concentrations due to oxygen consumption by the cells and to replenish nutrients to support 

cell growth. 
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44  Cell-biomaterial interactions for blood 

vessel formation 
  

 Our knowledge of human vascular development and growth has been considerably augmented by 

biomaterial-based approaches. This chapter first discusses the architecture of the vasculature, from its 

cellular to extracellular matrix components. In the following sections, engineering of biomaterials to study 

the mechanisms of vascular morphogenesis and angiogenesis is explored. The final section focuses on 

materials designed to augment vascular growth.  

 

4.1 Introduction 

 Tissues greater than 1-2 mm thickness are unable to survive without a functioning vasculature, 

which regulates fundamental processes including oxygen and nutrient transport. Thus, the advancement of 

tissue engineering hinges upon the study of blood vessel formation, a highly regulated and orchestrated 

cascade of events. Our knowledge of human vascular development and growth has been considerably 

augmented by biomaterial-based approaches. Because they can be engineered to mimic physiological 

environments, biomaterials allow the study of complex vascular processes in a manner than can be readily 

discerned, accelerating progress toward cell-based constructs for vascular tissue regeneration. Vascular 

regenerative engineering is a subfield of regenerative medicine that involves designing scaffolds, 

incorporating signaling molecules, loading cells, manipulating the encapsulation and release of growth 

factors, and transplanting functional vascular structures to the site of interest. However, many roadblocks 

must still be overcome before clinical translation as the integration of biodegradable scaffolds with cells 

requires a complete understanding of how each factor contributes to the intricate process of vascular 

growth.  

In this chapter, we discuss recent progress in the study and formation of functional vascular 

networks in biomimetic scaffolds with therapeutic potential. We begin by describing the architecture of the 

vasculature, from its cellular components to the extracellular chemical and biomolecular components, to set 
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the stage for the physiologically-relevant biomaterials that are engineered to mimic vascular environments. 

In the following sections, we explore engineering of biomaterials for the fabrication of scaffolds to 

investigate the mechanisms of vascular morphogenesis and angiogenesis, including cancer-associated 

angiogenesis. The final section will focus on materials designed with defined spatial arrangements of 

molecules or complex topographical features to recapitulate aspects within the native vascular 

microenvironment. 

 
Figure 4-1. Architecture of blood vessels 

Blood vessels consist of three concentric layers: tunica intima (endothelial cells), tunica media (smooth 

muscle cells), and tunica adventitia (fibrous connective tissue).  

 

4.2 Blood vessel architecture  

4.2.1 Cellular makeup 

 Blood vessels are composed of an internal monolayer of endothelial cells (ECs) surrounded by a 

thicker external shell of perivascular cells (smooth muscle cells (SMCs) or pericytes) and the extracellular 

matrix (ECM) or basement membrane within three concentric layers (Fig. 3-1). The most internal layer, the 

tunica intima, forms the luminal surface of the blood vessel and is comprised of a smooth continuous 

monolayer of ECs. During vessel formation, ECs recruit mural cells, which comprise the tunica media. 

These mural cells, such as vascular SMCs for larger vessels, or pericytes for capillaries [123], produce and 

secrete ECM macromolecular elastic fibers providing structural support to stabilize the ECs and regulate 

vascular functions [124]. The outermost layer is the tunica adventitia composed mainly of collagens and 

fibroblast cells that secures blood vessels to the surrounding connective tissue. The ECM and basement 
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membrane are critical components providing an inert scaffold to support vascular assembly and blood 

vessel formation.  

A variety of cell sources exists to study the vasculature in vitro, including pluripotent and adult 

stem cells. One of the most reported cell sources for these studies, pluripotent stem cells (PSCs), which 

include human embryonic stem cells (hESCs) and human induced PSCs (hiPSCs), have the capacity to self 

renew indefinitely and differentiate to every cell type [51-52]. The undifferentiated PSC phenotype is 

maintained through culture under specific conditions including a feeder layer or extracellular matrix and/or 

supplying critical cytokines and nutrients. However, withdrawal of these factors and growth in suspension 

culture initiates the formation of embryoid bodies (EBs) that contain a myriad of spontaneously 

differentiated cells and integrated vascular networks [74, 125]. Numerous studies have explored the 

differentiation potential of human PSCs toward vascular lineages. Most commonly, lineage specification to 

ECs and SMCs has been achieved by isolating cells from the EB based on a cell marker of interest, such as 

CD34 [126], platelet EC adhesion molecule-1 (PECAM1) [59], von Willebrand factor (vWF) [61], and 

Neuropilin-1 [81]. CD34 expression, in particular, denotes a vascular progenitor population, capable of 

differentiating into both ECs and SMCs via supplementation of vascular endothelial growth factor (VEGF) 

or platelet-derived growth factor (PDGF), respectively.  

Another widely reported cell source for these applications, endothelial progenitor cells (EPCs) – 

adult stem cells first isolated from human peripheral blood – are capable of differentiating into mature ECs 

[127]. In vivo, EPCs are recruited in response to instructive biochemical or biophysical stimuli to ischemic 

and injured sites, where they incorporate into sites of neovascularization to facilitate vascular regeneration 

[28]. Unlike ESCs, adult stem cells differentiate into a predetermined cell type and have a finite capacity 

for self-renewal. However, EPCs have the benefit of providing patient-specific therapies since these cells 

can be isolated from individual patients. One drawback of EPC-based therapies is that the exact identity of 

EPCs is disputed. Two subpopulations of EPCs have been reported: EC-colony forming units and 

endothelial colony-forming cells (ECFCs). EC-colony forming units, however, were not able to form 

functional vessels in vivo [48-50]. ECFCs were found to be more proliferative and contribute to functional 

vessels, suggesting that only a subpopulation of what are considered “EPCs” participates in 

neovasculogenesis.  
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New vasculature is formed via two distinct mechanisms: vasculogenesis and angiogenesis (Fig. 3-

2). Vasculogenesis is a process by which new vessels are developed de novo from the differentiation of 

endothelial precursors. EC differentiation from hemangioblasts in the developing embryo [128] and from 

EPCs in the adult bone marrow [129] is initiated through signaling pathways to regulate endothelial lineage 

specification [130-131] and subsequent assembly of the differentiated ECs to form a primitive blood 

vascular plexus [132]. 

 
Figure 4-2. Mechanisms of blood vessel formation 

Vascular growth occurs via vasculogenesis or angiogenesis to form or repair blood vessels. Reprinted with permission 
from Nature Publishing Group [133]. Licence # 500834540. 

 

The primary plexus is further remodeled and expanded by the sprouting and branching of new 

vessels during the process of angiogenesis. Normal angiogenesis occurs during development to establish a 

sufficient vasculature for organogenesis [134]. In adults, angiogenesis only occurs during repair processes, 

the ovarian cycle, and pathological diseases such as cancer. This is a highly ordered and tightly regulated 
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process influenced by the coordination of both positive and negative signaling factors, such as soluble 

factors, cell-cell interactions, and cell-matrix interactions [135-136]. Angiogenesis is initiated by the 

activation of signal transduction pathways via the binding and secretion of various angiogenic factors, such 

as VEGF and fibroblast growth factors (FGFs) to EC receptors [137]. A first step in angiogenesis is the 

degradation and remodeling of the EC basement membrane by proteases known as matrix 

metalloproteinases (MMPs), known to degrade collagen and various ECM components. This stimulatory 

signal initiates the migration of ECs from pre-existing vessels into the avascular ECM, where they 

proliferate as stalk cells. The ECs organize into tube-like structures that anastomose with existing 

vasculature. This cascade of events is governed by various molecular factors, such as VEGF and FGF, that 

are heavily implicated in vascular development by inducing proteolysis to remodel components [138], 

enhancing EC migration [139], stimulating proliferation [140], and inducing tube formation [141]. In 

addition to molecular factors, interactions with the ECM (to be discussed later) are also influential in 

vascular development.  

4.2.2 Role of ECM during blood vessel formation 

 The ECM and basement membrane are critical components within the vascular microenvironment, 

providing an inert scaffold to stabilize and organize vascular assembly and blood vessel formation. The 

ECM of the blood vessel wall is a heterogeneous structure of fibrous proteins, glycosaminoglycans 

(GAGs), and proteoglycans, presenting molecules, biochemical cues and cell adhesive sites that influence 

and regulate EC functions essential for angiogenesis (reviewed in [142]). The ECM molecular components 

are produced intracellularly, secreted into interstitial space via exocytosis, and aggregate to form an 

interconnected network of fibrous proteins embedded among GAGs. Key proteins constituting the ECM are 

collagens, fibronectin, and laminin, while GAGs include highly hydrated molecules, such as hyaluronic 

acid (HA). Influential ECM components and their role on blood vessel formation in angiogenesis will be 

discussed.  

The ECM contributes significantly to blood vessel formation in many ways. First, it is a scaffold 

that maintains the structural integrity of the vessel wall, regulating blood flow and pressure through the 

complex network of elastic fibers. Moreover, the ECM provides instructive cues to vascular cells to 

regulate proliferation and differentiation. It presents and sequesters growth factors and molecules necessary 



35 

 

to regulate angiogenesis and remodeling events [143]. EC adhesion to the ECM, a necessary step in the 

angiogenic cascade of events, enhances EC proliferation, migration, assembly and vessel stabilization 

through the regulation of multiple signaling pathways, such as controlling ECM synthesis, degradation and 

remodeling [144]. Cells interact with their extracellular environment via cell surface receptors, or integrins, 

to mediate adhesion to ECM molecules. These integrin-mediated interactions transmit and integrate bi-

directional signals to coordinate angiogenesis. 

Collagens are an ubiquitous family of proteins in the body and the most abundant ECM 

macromolecule [145]. Collagen molecules are triple helical structures that are composed of three 

polypeptide α chains, with a distinctive amino acid sequence (glycine-proline –X or glycine-y-

hydroxyproline) and are thought to regulate integrin-mediated cellular interactions [146]. Collagen types I 

and III predominantly aggregate into fibrils for enhanced vessel wall tensile strength, whereas collagen type 

IV is nonfibrillar and instead forms 3-D networks in the basement membrane to anchor ECs and SMCs 

[147]. During sprouting angiogenesis, ECs within blood vessels degrade the surrounding ECM, migrate, 

and proliferate in regions with high levels of interstitial collagen (Paku and Paweletz, 1991). Collagen type 

IV is also critical for angiogenesis. During ECM remodeling events, proteolytic cleavage exposes a critical 

epitope on the collagen IV molecule within the subendothelial basement membrane of angiogenic and 

tumor-associated blood vessels, but not within the basement membrane of normal, quiescent vessels. When 

this epitope was blocked with a specific monoclonal antibody, integrin-dependent EC interactions were 

disrupted, inhibiting angiogenesis [148].  

Fibronectin is a large secreted glycoprotein produced by ECs and vascular SMCs that modulates 

adhesion between cells and ECM components, such as collagens, through specific domains. It is localized 

to layers of the blood vessel and becomes integrated with the ECM as insoluble fibrils [149-151]. 

Fibronectin is an essential protein that regulates vascular morphogenesis by promoting EC adhesion, 

growth, and migration while enhancing VEGF activity [152]. Indeed, embryos lacking fibronectin 

demonstrated numerous vascular defects, including a malfunctioning heart and the overall absence of 

vessel morphogenesis [153]. In vitro, EC tubulogenesis primarily co-localizes to regions of fibronectin in 

cell-derived matrix scaffold, demonstrating the significance of fibronectin in the angiogenic cascade [154]. 
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The only polysaccharide in the ECM, HA, is a negatively charged, linear GAG synthesized by HA 

synthases and extruded into the ECM [155]. Native HA is a high molecular weight polymer (106 kDa) that 

is degraded by hyaluronidase enzymes into smaller, lower molecular weight fragments. The various 

molecular weight molecules of HA are potent regulators of vascular EC function and therefore HA plays a 

critical role in angiogenesis [156]. High molecular weight HA exhibits anti-angiogenic effects, by 

inhibiting EC proliferation, migration and capillary formation [157-158]. However, smaller degradation 

products of HA, such as oligosaccharides of 3-10 disaccharide units, induce angiogenesis by stimulating 

EC proliferation, migration, and angiogenic sprouting [159-161]. 

Clearly the molecules of the vascular ECM are significantly involved in vascular development by 

providing the scaffold necessary to stabilize the organization of ECs to functional endothelium within its 

integrated fiber and protein networks [162], while also presenting the biochemical cues to regulate and 

support cell proliferation, migration and vascular structure formation [163]. Engineering 

microenvironments that recapitulate aspects of the unique vascular niche is a critical initiative to investigate 

the spatial and temporal mechanisms of vessel growth.  

 

4.3 Matrices to investigate vasculogenesis mechanisms 

 Vascular growth arises from interactions between ECs and their surrounding ECM. Biomaterial-

based approaches have been used to mimic the native ECM in order to elucidate mechanisms of vascular 

growth. However, when ECs are plated on a two-dimensional ECM or plastic, capillary tube formation 

occurs slowly. ECs incorporated into three-dimensional gelled ECM components can be induced to form 

capillary tubes in as little as 24 hours, thereby providing a more feasible and physiologically-relevant 

approach to study this complex cellular process [164]. Matrigel, an extract from the basement membrane of 

mouse sarcoma cells, is a widely reported substrate used to study the inherent ability of ECs to assemble 

tube-like capillary structures and has provided many insights into regulatory mechanisms. In this section, 

we will focus on the use of more physiologically-relevant matrices, specifically in collagen gels and HA 

gels, to study the cellular mechanistic processes which govern vascular growth including vacuole and 

tubule formation and responsiveness to ECM stiffness.  
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4.3.1 Collagen-based scaffolds 

 Because collagen comprises the majority of stroma, collagen-based scaffolds have traditionally 

been used to investigate cellular behavior in three-dimensional matrices to recapitulate the physiological 

environment. Specifically for blood vessel formation, collagen gels have been exploited as an in vitro 

modality to understand basic mechanisms and signaling pathways which govern vascular morphogenesis 

from human cells. In vitro, collagen type I stimulates spontaneous capillary morphogenesis through the 

rapid organization of ECs into cord-like networks that ultimately mature to contain patent lumens [165]. 

Additionally, collagen I has been shown to increase MMP expression and therefore stimulates ECM 

remodeling and degradation to enhance EC migration [166]. 

Collagen gel systems have been used to study the individual steps of vascular morphogenesis. 

First, ECs degrade their surrounding environment using enzymes such as MMPs and migrate through the 

gel creating guidance channels. Through the study of human ECs in a collagen gel, it was observed that 

intracellular vacuoles between multiple ECs fuse together via their plasma membranes to form a 

multicellular lumen [167]. ECs secrete MMPs to degrade their basement membrane and allow for 

angiogenesis to occur. Hydrogels which present MMP-reactive sites in an attempt to mimic the native 

environment provide a cell-responsive environment; thus cell-secreted MMP directly affects hydrogel 

degradation [168]. Studies in collagen gels have revealed that EC vacuole formation is an integrin-

dependent pinocytic event [169]. EC vacuoles coalesce to form a multicellular lumen. Lumen formation 

within collagen scaffolds is mediated by the collagen binding integrin, α2β1, both in vitro and in vivo [169]. 

Cdc42 and Rac1 GTPases, which are activated downstream of integrin signaling pathways, were found to 

mediate cell migration, cell survival, and actin dynamics.  

By using defined conditions, the growth factors and cytokines necessary for vascular 

morphogenesis and pericyte stabilization have been understood; VEGF, FGF-2, stem cell factor (SCF), 

interleukin-3 (IL-3), and stromal-derived factor-1 (SDF1) are necessary for ECs to form vascular guidance 

channels to which pericytes home. Pericyte recruitment, triggered by EC-derived PDGF and epidermal 

growth factor (EGF) [170], is necessary for the formation of stabilized vessel structures as well ECM 

deposition [171].  
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Gelatin, a denatured form of collagen, has also been studied in endothelial morphogenesis [172].  

ECFCs and mesenchymal stem cells (MSCs) were cultured independently and as co-cultures in hydrogels 

made from photocrosslinking gelatin methacrylate. The incorporation of both cell types yielded increased 

ECFC survival and ECFC-lined capillary networks, and facilitated MSC differentiation into perivascular 

cells. All of these processes were dependent on the degree of methacrylation of the hydrogels; a smaller 

methacrylation degree (i.e. softer) was more permissive. After 3 days, ECFCs formed vacuoles and by day 

6, these vacuoles coalesced into large, intracellular lumen.  

 
Figure 4-3. Vascular morphogenesis in HA hydrogels 

(A) HA can be processed into a hydrogel system to present a biomimetic environment to study vascular 

growth via RGD and MMP-sensitive crosslinkers. (B) Encapsulated ECFCs undergo a sequential vascular 

morphogenesis process. Modified from [173]. This research was originally published in Blood. Hanjaya-

Putra, D., Bose, V., Shen, Y.-I., Yee, J., Khetan, S., Fox-Talbot, K., Steenbergen, C., Burdick, J. A. & 

Gerecht, S. Controlled activation of morphogenesis to generate a functional human microvasculature in a 

synthetic matrix. Blood, 2011;8:804-815. © the American Society of Hematology. 

 

4.3.2 Hyaluronic acid-based hydrogels 

 Because HA plays a critical role in vascular development and growth via stimulation of EC 

proliferation, migration, and sprouting [174-175], HA-based hydrogels are an attractive platform to 

examine vascular morphogenesis. HA can be processed into a well-defined three-dimensional hydrogel via 

polyethylene glycol diacrylate (PEGDA), RGD (arginine-glycine-aspartic acid; an integrin-binding 
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adhesive peptide), and MMP-sensitive crosslinkers to present a biomimetic environment conducive to the 

study of vascular growth and its modulators (Fig. 3-3A).  

 ECFCs encapsulated in HA hydrogels modified with RGD binding motifs and MMP-sensitive 

crosslinkers undergo vascular morphogenesis in a sequential fashion (Fig. 3-3B). Vacuoles formed as early 

as 3 hours and coalesced to form multicellular lumen after 1 day (Fig. 3-4A). Branching and sprouting were 

observed after 2 days (Fig. 3-4B) which progressed into a mature vascular network at day 3 (Fig. 3-4C). 

During this process, encapsulated ECFCs increase expression of MMPs and hyaluronidases, thereby 

providing evidence of cellular remodeling of the hydrogel possibly via the formation of vascular guidance 

channels [173].  

   
Figure 4-4. Examination of vascular morphogenesis in HA hydrogels 

HA hydrogels can be used to study the individual steps of vascular morphogenesis. (A) Vacuoles formed 

after 1 day as seen by light microscopy (left panels) and confocal imaging of vacuole vital stain FM 4-64. 
Arrowheads indicate vacuole formation. Scale bars are 50 µm. (B) Branching and sprouting was observed 

after 2 days and (C) these structures matured into a network after 3 days. In B and C, left panels are light 

microscopy images, scale bars are 100 µm; right panels are confocal images of FM 4-64 and nuclei, scale 

bars are 50 µm. (D) These processes were dependent on (i) RGD concentration and presence (scale bar is 

20 µm) and (ii) MMP sensitivity (scale bar is 50 µm) as demonstrated by confocal images of FM 4-64. 

Modified from [173].  
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 RGD-integrin binding initiates vacuole and lumen formation in a dose-dependent manner (Fig. 3-

43Di) [173]. Incorporation of a mutated binding motif, RDG, yielded little to no vacuole formation. 

Furthermore, incorporation of MMP-insensitive crosslinker yielded some vacuoles but little branching (Fig. 

3-4Dii). Thus, RGD-binding seems to initiate vacuole formation while MMP activity modulates migration 

and network formation.  

HA-based systems, among other engineered biomaterials, can also be used to study vascular cell 

responses to various growth factor gradients. HA film samples which were surgically implanted in mouse 

ears in the presence of VEGF more than tripled the generated vessel density compared to either HA or 

VEGF alone, depicting the synergistic action of the two factors [176]. The concentration of VEGF has a 

great influence of vascular morphogenesis; higher concentrations of VEGF in a 2D HA system led to 

multicellular EC tube structures whereas lower concentrations yielded cell spreading without any distinct 

structure formation [99]. In 3D HA hydrogels, higher VEGF concentrations (50ng/ml), as opposed to lower 

VEGF concentrations (1ng/ml), also produced cord-like structures from cultured ECFCs [177]. HA-

engineered systems have also been used to elucidate differential responses to HA from arterial, 

microvessel, and vein-derived EC. Microvessel ECs displayed the greatest HA-mediated cell adhesion. The 

receptor for HA-mediated motility (RHAMM) was most greatly expressed in microvessel ECs as well 

[178]. As mentioned earlier, one parameter of HA itself which affects vascular growth is its molecular 

weight. Collagen scaffolds were modified with either short chain HA (MW 6.5K) or long-chain HA (MW 

220K) [179]. When these scaffolds were implanted in vivo, short-chain HA-modified collagen gels 

demonstrated faster revascularization compared to long-chain HA and collagen alone.  

Studies in these three-dimensional, physiologically-relevant matrices have led to a greater 

understanding of the molecular mechanisms and cellular processes governing lumen formation and 

vascular morphogenesis and have offered extensive insight into vessel formation in the embryo and adult. 

We next turn our focus toward biomaterials which have been engineered to enhance vascular 

morphogenesis. 

 

4.4 Matrices to direct in vitro pre-vascularization  
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 Not only have biomaterials been used to study signaling pathways, but they have also been 

engineered to promote cellular assembly of vessel structures in vitro, a strategy known as pre-

vascularization, as a means of vascular replacement therapy and vascularization of engineered tissues 

[180]. In this section, we discuss the benefits cell-biomaterial interactions confer on regenerative medicine 

efforts via this pre-vascularization strategy. Both natural and synthetic polymers have been used to this end.  

4.4.1 Natural polymers 

 Fibronectin-collagen type I matrices have been extensively used to facilitate EC tubulogenesis. 

ECs seeded with 10T1/2 cells, a mesenchymal cell type, in a fibronectin-collagen matrix were able to 

assemble into patent, long term vessels [181]. Vessels exhibited vacuoles and patent lumen after 4 days of 

implantation but were devoid of blood cells until 2 weeks. The vessels persisted for more than 1 year in 

vivo [182]. Cord-blood- and peripheral-blood-derived EPCs have been studied for their ability to contribute 

to vessel formation via implantation in hydrogels [106]. EPCs derived from either peripheral blood or cord 

blood were found to be able to form vessels with 10T1/2 cells in collagen-fibronectin gels However, cord 

blood EPCs formed denser and more durable vessels in vivo than peripheral blood EPCs. PSC derived cells 

have also been examined in fibronectin-collagen gels. Human ESC-derived ECs seeded on a fibronectin-

collagen scaffold yielded cord-like networks after just 2 days of implantation, though functional 

anastamosis required co-implantation with 10T1/2 cells [73]. Luminal structures were observed after 11 

days and these vessels were stable for more than 150 days.  

Fibrin, an essential component of the clotting cascade, is a commonly used natural biomaterial to 

study vascular assembly [183]. Fibrin is a large nonglobular protein that forms a meshlike network of 

fibrillar gel upon polymerization of the coagulation proteins thrombin and fibrinogen. Although primarily 

involved in blood clotting and coagulation cascades, this natural macromolecular polymer has been shown 

to regulate vasculogenesis in developing embryos and to influence the differentiation of ESCs to ECs. ECs 

and fibroblasts co-cultured in fibrin hydrogels formed capillary networks after 1 week [184]. When these 

pre-vascularized constructs were implanted in vivo, they yielded human EC-lined vessels within 5 days, 

compared to 14 days as seen from non-prevascularized constructs, yielding the important conclusion that a 

pre-vascularized construct accelerates anastomosis with the host vasculature. The capacity for mature ECs 

to form networks was compared to that for EPC-derived ECs, which were also able to form an 
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interconnected tubular network in fibrin gels within 4 days [185], though they required a high density of 

fibroblasts. In the presence of a low density of fibroblasts, vessels took 5-7 days to form. When these pre-

vascularized constructs were implanted in vivo, EPC-EC constructs were perfused within 1 day, while 

mature EC constructs exhibited no perfusion. Remarkably, after 3 days, 90% of the EPC-EC tubules were 

perfused, as compared to only 33% of mature EC tubules. These results suggest the importance of stem cell 

based therapies for vascular replacement. 

As mentioned earlier, HA is prominent in the vascular environment; thus, HA-based scaffolds 

have also been used to create pre-vascularized constructs for implantation. ECFCs encapsulated within HA 

hydrogels and cultured for 3 days formed patent vascular networks [173]. Studies in vivo demonstrated that 

the pre-formed networks anastamosed with the host vasculature and supported blood flow. Approximately 

60% of microvessels smaller than 200 µm cross-sectional area observed in the center of implanted 

hydrogels were chimeric vessels, comprised of both human and mouse cells; the remaining 40% were 

human-only microvessels. HA can also be electrospun (a technique to be described in depth later) to form a 

three-dimensional mesh. HA electrospun with a poly (ε-caprolactone)-collagen blend formed hybrid 

meshes that supported capillary networks from EC and lung fibroblast co-cultures [186].  

Vascular response is a critical factor in burn-induced skin reconstruction. To this end, biomaterials 

have been used to promote vascular response through skin constructs. Collagen, GAG, and chitosan were 

combined to prepare a sponge-like biomaterial as a skin substitute and seeded with ECs, keratinocytes, and 

fibroblasts [187]. Capillary-like structures were spontaneously formed on this biomaterial in vitro from this 

tri-culture. Within 4 days of in vivo implantation, the human capillary structures encased mouse blood cells 

as compared to 14 days in a non-endothelialized construct.  

4.4.2 Synthetic polymers 

Vascular morphogenesis has also been studied in synthetic scaffolds, which can be manipulated to 

mimic their natural counterparts via modification with binding domains or sites responsive to cellular 

activity and control over physical parameters. Synthetic scaffolds confer several practical advantages to the 

goal of promoting vascular morphogenesis including their reproducibility and ease of synthesis and 

processing.  
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Polyethylene glycol (PEG)-based hydrogels have been engineered toward the goal of vascular 

regeneration. Though PEG is a cell-resistant material, it is still biodegradable and biocompatible; thus, 

functionalization of PEG can impart appropriate scaffold properties and responsiveness to cell behavior 

solely due to its modifications. PEG-based hydrogels engineered with both RGD binding sites and MMP-

sensitive peptides were seeded with ECs and MSCs [101]. On softer hydrogels, this composite system 

produced cell self-assembly of HUVECs into tubule-like structures lined with MSCs. Several studies have 

exploited the capacity for PEG to be covalently functionalized with peptides and proteins. One such PEG-

based system was created from heterobifunctional PEG linkers to immobilize cell surface ligand ephrinA1 

to hydrogel surfaces [188]. ECs cultured in this system were induced to form patent EC capillary structures, 

with lumens ranging from 5-30 µm. Another study examined covalently functionalized VEGF, which 

increased EC tubulogenesis, motility, and cell-cell connections [189]. 

Polyester-based scaffolds are another class of synthetic scaffolds used to promote vascular growth. 

These scaffolds are biodegradable, biocompatible, and yield degradation byproducts which can be 

metabolized by the body. Poly L-lactic acid (PLLA) scaffolds facilitated the formation of human EC-

derived empty tubes after 5 days, which became functional after 7-10 days of in vivo implantation in SCID 

mice [190]. Mouse perivascular cells were observed surrounding human ECs after 3 weeks. ECs derived 

from hESCs can also form vessel structures in biomimetic scaffolds, though they often require co-

implantation with another cell type. Human-ESC-derived ECs seeded onto PLLA/poly(lactic-co-glycolic 

acid) (PLGA) sponges formed microvessels when subcutaneously implanted into nude mice at 1-2 weeks 

[59]. In a separate study, hESC-derived ECs were co-implanted with myoblasts on a porous, biodegradable 

PLLA/PLGA scaffold, mimicking skeletal muscle tissue [102]. Co-implantation promoted stable vessel 

formation in vitro, and ECs were able to form tube structures surrounded by myoblasts. The further 

addition of embryonic fibroblasts increased vascularization dramatically, as validated by increases in EC 

number, lumenal area, and VEGF expression. When the constructs were implanted into mice, they 

promoted vascularization in the engineered tissue in vivo. A similar approach was used to vascularize 

cardiac tissue [103]; hESC-derived ECs seeded along with hESC-derived cardiomyocytes and embryonic 

fibroblasts on PLLA/PLGA scaffolds generated vascularized cardiac tissue. When this triculture system 
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was implanted into a rat model, the vascularized construct was functional and increased tissue perfusion 

[104].  

Taken together, these studies highlight the advantages of natural and synthetic constructs for 

generating pre-vascularized tissue, which may be implanted in vivo and become integrated with the host 

vasculature. These biomimetic constructs have provided important advancements to vascular replacement 

therapy strategies. Next, we will discuss the second mechanism of vascular growth, angiogenesis. 

 

4.5 Future trends 

The findings reported in this chapter highlight the interdisciplinary study of cell-material 

interactions for vascular growth. We anticipate that future work in this area will involve more extensive 

stem cell-based approaches in technologically advanced scaffolds to allow for clinically translatable cell-

biomaterial constructs which are patient-derived and suited toward a specific application. Though only 

briefly mentioned here, induced pluripotent stem cells are patient-derived stem cells and thus hold the 

greatest potential for bench to bedside strategies. Very few studies have explored the behavior of iPSC-

derived vascular cells in biomimetic scaffolds and it remains to be seen whether these cells behave 

similarly to those derived from hESCs. Advances in micro- and nanotechnologies will also continue to 

emerge and advance this growing field. Harnessing cues at these minute scales will certainly provide more 

precise control over cellular behavior in order to generate larger vascularized constructs which may be able 

to function as a living tissue. 

 

4.6 Conclusions 

Our current knowledge of the processes governing vascular growth has been greatly advanced 

through the use of engineered, biomimetic scaffolds. At the macroscale, hydrogel constructs have improved 

our understanding of the molecular mechanisms of vacuole and lumen formation, branching, and sprouting. 

Implantable pre-vascularized macroscale constructs are also able to facilitate vascularization with the long 

term goal of clinical translation. Taken together, these cues provide the different components of a complex 

milieu to regulate the intricate progression of vascular growth.  
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55  Recent progress in the use of hiPSCs in 

vascular regeneration 
 

The pressing need for patient-specific regenerative therapies is closer to being fulfilled more so 

now than ever before due to the exponentially growing fields of human induced pluripotent stem cell 

(hiPSC) technology and tissue engineering [191]. Since their advent, hiPSCs have played a growing role in 

tissue engineering toward the pursuit of building or re-growing functional human tissue that is also patient 

specific [192]. Derived by reprogramming a patient's somatic or stem cell with key pluripotent factors 

[193], hiPSCs self renew indefinitely in culture and can differentiate into any cell type, two properties they 

share with the other major subclass of pluripotent stem cells (PSCs), embryonic stem cells (ESCs). Unlike 

ESCs, hiPSC use limits the risk of immunologic rejection due to their autologous nature.  

Arguably, the most important building block for regenerative medicine is a functioning 

vasculature, which supports functional restoration in diseased and injured tissues. Deriving vascular cells as 

defined populations from hiPSCs will enhance their therapeutic use. Here we discuss the most recent 

advances in the use of hiPSCs toward regeneration of the vasculature and their implications for clinical 

translation.  

 

5.1 New insights into differentiation toward vascular lineages 

Blood vessels are comprised of an inner layer of endothelial cells (ECs) surrounded by supporting 

perivascular cells - either vascular smooth muscle cells (vSMCs) or pericytes, depending on the vessel type. 

A variety of strategies have been proposed for the derivation of ECs from PSCs (reviewed in [22]). 

However, the more recent focus has been to comprehensively evaluate EC derivatives to assess possible 

heterogeneities within the derived population or owing to differences among individual PSC lines [194-

195]. Understanding these heterogeneities will be imperative to provide reproducible cell derivatives for 

disease modeling and therapeutics. 
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In one such study, ECs derived via embryoid body (EB) differentiation supplemented with 

angiogenic growth factors (GFs), vascular endothelial GF (VEGF) and bone morphogenic protein-4, 

yielded approximately 6-16% platelet endothelial cell adhesion molecule-1+ (PECAM1+) cells after 2 

weeks of differentiation, depending on the cell line [194]. PECAM1+ cells matured into functional ECs but 

displayed a mix of arterial, venous, and lymphatic ECs, demonstrated via marker expression. hiPSC-ECs 

enriched toward either of these lineages yielded more defined EC populations with downstream 

applications of rebuilding vasculature with specific arterial, venous, or lymphatic functionalities.  

In a separate study, White and colleagues determined that ECs derived from hESCs and hiPSCs 

displayed limited gene expression variation regardless of cell line [195]; in fact, they demonstrated that the 

predominating factor in EC derivation efficiency and gene expression was the health and purity of the 

undifferentiated hPSCs, independent of passage number and source. ECs were derived from EBs coaxed 

toward the EC lineage by a cocktail of GFs. Cells positive for VEGF receptor-2 (VEGFR2) were isolated 

and matured toward PECAM1+/vascular endothelial cadherin (VEcad)+ ECs, which organized into 

functional capillaries in vivo. Intriguingly, the yield of VEGFR2+ cells varied between 7% - 70% 

depending on the quality of the undifferentiated hPSCs. Despite this huge variability, microarray analysis 

revealed that gene expression variance was comparable between hESC and hiPSC derived ECs, suggesting 

similar differentiation capabilities toward ECs from either PSC type, regardless of VEGFR2+ yield. 

Reagent inconsistency was also suggested to play a role in the variability of VEGFR2+ cell yield and 

remains a recurring problem in derivation protocols.  

Heterogeneities of vSMCs have also recently been scrutinized [196-198]. The diverse and 

independent origins of vSMCs – a prominent source of vSMC heterogeneity – prompted Cheung and 

colleagues to recapitulate vSMC derivation from a variety of precursors (hPSC-derived neuroectoderm, 

lateral plate mesoderm, and paraxial mesoderm) using relevant developmental cues [196]. Derived vSMCs 

not only exhibited vSMC-specific functionalities, but also resembled their origin-specific in vivo 

counterparts. Yet another study focused on inducing hiPSCs toward contractile vSMCs via a mesenchymal 

stem cell (MSC) origin [197]. By employing a stage-specific, feeder-free differentiation scheme, the 

research group first derived MSCs, which were highly proliferative and displayed limited senescence 

compared to their adult counterpart. The MSCs could be guided toward functional vSMCs exhibiting high 
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levels of smooth muscle myosin heavy chain (SMMHC) and fibrillar organization. Of particular relevance 

to the development of cell-based therapies and diseases models, a large number of viable vSMCs could be 

derived in this manner. Recent work from our lab has uncovered a new understanding of two distinct 

vSMC types [198]. In a stage-specific differentiation protocol harnessing cues present in development, we 

were able to guide hiPSC and hESC differentiation toward synthetic or contractile vSMC phenotypes, 

which present at different stages of blood vessel growth. A synthetic phenotype predominates in embryo 

neovascularization whereas contractile vSMCs function to stabilize adult blood vessels. Via a stepwise 

differentiation protocol, hPSCs were guided toward smooth muscle-like cells (SMLCs) [199], which served 

as a common precursor for synthetic and contractile vSMCs. Long-term differentiation in high serum, 

PDGF-BB, and TGFβ1 was found to mature SMLCs toward synthetic vSMCs as demonstrated by 

decreased expression of contractile protein SMMHC and increased production of ECM proteins collagen I 

and fibronectin. Interestingly, sequential deprivation of serum and GFs from the medium of differentiating 

SMLCs yielded contractile vSMCs which exhibited increased expression of SMMHC and elastin and more 

active caveolae.  

Derivation of these cell types from hiPSCs opens up many avenues to the study of variable EC and 

vSMC phenotypes in the body and their role in health and disease.  

 

5.2 hiPSC-derived vascular cells for therapeutic use 

The clinical utility of hiPSC derivatives to facilitate disease treatments is the end goal for the 

majority of hiPSC research. While autologous bone marrow cells have been the popular cell therapy option 

to enhance angiogenesis [200], their number and effectiveness could be compromised by the patient’s age 

or health [201]. Thus, vascular cells derived from hiPSCs could yield improved treatments for a variety of 

vascular disorders.   

Recently, a comparative study of ECs derived from either hiPSCs, hESCs, or bone marrow cells 

evaluated their therapeutic potential in ischemic tissue [202]. When ECs derived from these three sources 

were implanted in an ischemic hindlimb, blood flow increased in comparable manners irrespective of stem 

cell source. Though all  derived ECs exhibited similar therapeutic efficacy, only one patient (out of six 

total) had bone marrow mononuclear cells that could actually mature toward ECs; the remaining had low 
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proliferative capacity and undergo apoptosis, and thus were unable to be examined in vivo. This major 

shortcoming of bone marrow cells suggests that hPSCs may be favorable for vascular therapies. 

Improvement of cardiac function after myocardial infarction (MI) has been demonstrated by ECs 

derived from iPSCs of porcine origin [203]. When derived porcine ECs were transplanted into a murine 

model of MI, functional improvement was demonstrated via echocardiography and MRI. Histological 

analysis of the peri-infarct area revealed functional porcine derived PECAM1+ cells supporting murine 

microvessels, though not forming their own vessels four weeks after transplantation. Although the research 

group determined that the majority of derived ECs did not survive four weeks after transplantation into the 

MI, they nonetheless observed a long term functional benefit from the implanted cells. To evaluate these 

seemingly contradictory findings, the secretion of proangiogenic cytokines was examined under hypoxic 

conditions in vitro, revealing that derived ECs secrete copious proangiogenic factors triggered by ischemic 

conditions to stimulate neovascularization. The feasibility of using cells from a large animal model that is 

more relatable to human organs represents another step toward the first clinical trials in humans, though it 

remains to be seen whether porcine-iPSCs can augment cardiac function in a porcine MI model. 

In the first study of its kind, a method was developed to derive pericytes from hPSCs [204]. 

Pericytic progenitors, identified by expression of a combination of pericyte markers, were isolated from 

differentiating EBs and matured toward functional pericytes, which were subsequently injected 

intramuscularly into ischemic hind limbs. Pericyte application yielded recovery of blood perfusion, 

augmented muscle regeneration, and provides the framework for future studies of hPSC pericytes in other 

injury models with great clinical potential.  

 

5.3 Conclusions 

Because of their patient specificity and proliferative capacity, hiPSCs hold the greatest potential for 

bench to bedside strategies. Recent findings concerning vascular regeneration from hiPSCs underscore the 

complexity of hiPSC derivatives and highlight the need for continued studies to completely define – and 

importantly, control – derivative phenotypes. By acknowledging that derived cell populations may be 

heterogeneous and working toward resolving the discrepancies, researchers are closer to obtaining well-

characterized vascular populations amenable to permanent transplantation. Several key hurdles remain; 
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robust methods to track implanted cells are necessary to meaningfully evaluate their therapeutic potential. 

Long term tracking and transgene-based imaging of implanted hiPSCs has recently been demonstrated in a 

porcine MI model [205]; however, challenges still remain prior to continued use such as reduced imaging-

based radiation exposure and precise control over transgene integration. Furthermore, an appropriate 

delivery modality for hiPSC-derived vascular cells must be optimized in parallel. We anticipate that future 

work will involve more advanced approaches, such as hiPSC-vascular cells incorporated into vascular 

stents, engineered hydrogels, or decellularized organ scaffolds. Juxtaposition of well-defined vascular cell 

populations within specialized scaffolds utilizing sophisticated imaging techniques will uncover new and 

more controlled approaches to augment vascular growth. 

 

The above content was published in Expert Review of Cardiovascular Therapy (2013) DOI: 

10.1586/erc.13.54 and is reprinted in support of a doctoral thesis with permission from Elsevier. (License # 

3323061463632) 
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66  Self-organized vascular networks from 

human pluripotent stem cells in a synthetic matrix  
 

6.1 Introduction 

Perhaps the greatest roadblock to the success of tissue regenerative therapies is the establishment of 

a functional microvascular network to support tissue survival and growth [206]. Microvascular construction 

or regeneration depends on endothelial morphogenesis into a three-dimensional, tubular network followed 

by stabilization of the assembling structures by recruited pericytes [171, 207]. To create such a construct 

for therapeutic applications, patient-derived ECs and pericytes must be incorporated into a synthetic matrix, 

which confers the advantage to control and modulate vascular morphogenesis and simultaneously 

represents a clinically-relevant construct in which to deliver the engineered microvascular networks to in 

vivo environments [208].  

Human PSCs, including human embryonic stem cells (hESCs) and human induced PSCs 

(hiPSCs), offer the opportunity to derive EVCs from the same source, the latter of which offers patient 

specificity. Various cell markers have been proposed to identify vascular precursors (of ECs and pericytes) 

from differentiating hPSCs including CD34 [126, 209], KDR/VEGFR2 [210], and apelin receptor [211]. 

Purification of such progenitors is required from an uncontrolled differentiated cell population (i.e. via 

embryoid body [EB] formation or co-culture on mouse feeder layer) through marker enrichment or 

selection through genetic manipulation. Importantly, none of these derived cells have been demonstrated to 

self-assemble into functional microvasculature containing both ECs and pericytes.  

Current approaches for the differentiation of hPSCs toward the vascular lineage typically use a 

purified, single derivative – either a progenitor or matured cell type – with the goal of fully characterizing 

the fidelity of differentiation from a pluripotent stem cell. From this body of work, it has become apparent 

that various cell markers and biochemical cues can be used to guide differentiation and derive functional 

ECs [126, 194, 212-214], vascular smooth muscle cells [126, 214-215] and pericytes [216]. Building upon 

these previous studies, the hypotheses of the current study were that hPSCs can be induced to differentiate 
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into early derivatives of the vascular lineage (i.e. EVCs) that comprise the microvascular architecture 

without a specific differentiation-inducible feeder layer, EB formation, or genetic manipulation (Fig. 5-

1Ai); and that such EVCs can mature into ECs and pericytes and can self-assemble to form vascular 

networks in an engineered matrix (Fig. 5-1Aii).  

We present a new conceptual approach in which the cells of the microvasculature are derived in a 

bipotent population, which is able to recreate the tissue. The developed protocol employs a monolayer 

culture and avoids an EB intermediate and sorting, thereby enabling reproducibility and clinical 

applicability. We harness intrinsic tissue-level differentiation and self-assembly capabilities toward the 

translational realization of hPSCs. This new paradigm could prove useful for the construction of other 

multicellular tissues for regeneration.  

 

6.2 Materials and Methods 

6.2.1 hPSC culture 

 Human ESC line H9 (passages 15 to 40; WiCell Research Institute, Madison, WI) and hiPSC lines 

MR31 [117], BC1 [118-119], and a GFP transgenic hiPSC line (Clone 26 hCBiPS aMHCneoPGKhygro + 

pCAGGS2 Passage 47+10, kindly provided by Dr. Ulrich Martin, Hannover Medical School, Germany) 

[120] were cultured as previously described [215, 217]. Cell lines were routinely examined for pluripotent 

markers using immunofluorescence staining and flow cytometry analysis for TRA-1-60, TRA-1-81, 

SSEA4, and Oct4. See Table 2-1 for details on the various hPSCs.  

6.2.2 Differentiation protocol 

 Human PSCs were collected through digestion with ethylenediaminetetraacetic acid (EDTA; 

Promega), separated into an individual cell suspension using a 40-µm mesh strainer (BD Biosciences), and 

plated onto collagen IV (Trevigen) coated plates at a concentration of 5x104 cells/cm2. Cells were cultured 

for 6 days in a differentiation medium composed of alpha-MEM (Invitrogen), 10% FBS (Hyclone) and 0.1 

mM β-mercaptoethanol (β-ME), with the media changed daily. On day 6, differentiated cells were collected 

through digestion with TrypLE (Invitrogen), separated with a 40-µm mesh strainer, and seeded at a 

concentration of 1.25x10
4 

cells/cm
2 

on collagen-type-IV-coated plates in endothelial cell growth media 



53 

 

(ECGM) (PromoCell) supplemented with 2% FBS, 50ng/ml VEGF with or without 10µM SB431542 

(Tocris), or 1ng/ml VEGF + 10µM SB431542, as described in the text for 6 days. Media was changed 

every other day. To elucidate whether serum-free conditions could be used to derive EVCs, we followed 

the aforementioned protocol except differentiating the cells in alpha-MEM media supplemented with 20% 

knockout serum replacement, 0.1 mM β-ME, 1x non-essential amino acids (Gibco), and 1X L-glutamine 

(Invitrogen) for 6 days, followed by 6 days in ECGM base media (Promocell) supplemented with 50ng/ml 

VEGF, 10µM SB431542, 10% knockout serum replacement, β-ME, essential amino acids, and glutamine. 

These conditions were used only where specified in the text.  

6.2.3 Flow cytometry 

Flow cytometry was performed as previously described [218]. Briefly, cells were incubated with 

FITC- or PE-conjugated antigen specific antibodies for markers outlined in the text (Table 2-2). All 

analyses were done using corresponding isotype controls. Forward-side scatter plots were used to exclude 

dead cells. User guide instructions were followed to complete the flow cytometry analysis via Cyflogic 

v1.2. After five days of culture on Fn patterns, hEPCs were treated with 0.05% trypsin for five minutes, 

counted, and separated into approximately 2 x 105 cells per vial. They were then incubated in either FITC- 

or PE-conjugated antigen specific antibodies for VE-Cad and CD31 (BD Bioscience) for one hour on ice. 

Afterwards, cells were strained and suspended in 0.1% BSA. All analysis was done using isotype controls 

that corresponded to each specific antibody. User guide instructions were followed to complete the FACS 

analysis. 

6.2.4 Real-time quantitative RT-PCR  

 Two-step RT-PCR was performed on differentiated and undifferentiated (day 0) hPSCs.  Total 

RNA was extracted using TRIzol (Gibco, Invitrogen), according to the manufacturer’s instructions. Total 

RNA was quantified by an ultraviolet spectrophotometer, and the samples were validated for having no 

DNA contamination. RNA (1 g per sample) was subjected to reverse transcriptase using M- 

MLV (Promega Co., Madison, WI) and oligo(dT) primers (Promega), using the manufacturer’s 

instructions. We used TaqMan Universal PCR Master Mix and Gene Expression Assay (Applied 

Biosystems, Foster City, CA) for VEcad, SMMHC, Tuj1, peripherin, ICAM, and βactin according to the 
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manufacturer’s instructions. The TaqMan PCR step was performed with an Applied Biosystems StepOne 

Real-Time PCR System (Applied Biosystems), following the manufacturer’s instructions. The relative 

expression was normalized to the amount of βactin in the same cDNA by using the standard curve method 

described by the manufacturer. For each primer set, the comparative computerized tomography method 

(Applied Biosystems) was used to calculate amplification differences between the different samples. The 

values for experiments were averaged and graphed with standard deviations. 

6.2.5 Immunofluorescence  

 Cells were prepared for immunofluorescence as previously described [218]. Briefly, fixed cells 

were blocked in 1% BSA, treated with 0.1% Triton-X (Sigma), and incubated with the antigen specific 

antibodies for the markers outlined in the text (Table 2-2), followed by an appropriate secondary, and 

DAPI (Roche Diagnostics). The immunolabeled cells were examined using a fluorescent microscope 

(Olympus BX60). 

6.2.6 EC maturation 

 On day 12, derived EVCs were either sub-cultured in differentiation medium or sorted for VEcad+ 

cells. For this, EVCs were collected through digestion with Magnetic Activated Cell Sorting (MACS) 

buffer (0.5M EDTA and 1% BSA in PBS), incubated with 10ul anti-human, PE-conjugated VEcad (BD) in 

MACS buffer for 45 minutes on ice, washed, incubated with 20 ul anti-PE microbeads (Miltenyi Biotec) in 

80ul MACS buffer for 15 minutes at 4°C, and washed twice. Cells were re-suspended in 500µl MACS 

buffer and separated using a MS MACS separation column (Miltenyi Biotec). VEcad enrichment or 

depletion was confirmed by flow cytometry. Sorted cells were cultured on collagen-type-IV-coated dishes 

for an additional 6 days in ECGM supplemented with 50ng/ml VEGF and 10µM SB431542. Media was 

changed every other day. 

6.2.7 Dil-labeled Ac-LDL uptake  

Derived ECs were incubated with 10 μg/ml Dil-labeled Ac-LDL (Invitrogen) for 4 hours at 37°C, 

rinsed three times with PBS, fixed with 4% paraformaldehyde for 30 minutes, and visualized using a 

fluorescence microscope (Olympus). 
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6.2.8 Matrigel cord formation  

 Cells were labeled with PKH-26 (red) according to the manufacturer’s protocol. Briefly, cells 

were mixed with diluents C and PKH-26 for 5 minutes. The reaction was stopped by adding Hyclone FBS 

and the cells were washed three times. Cells were observed for their ability to form cord structures on 

Matrigel (BD Bioscience) as previously described [217]. Briefly, Matrigel was cast into μ-Slide 

Angiogenesis wells (iBidi, Munich, Germany). After polymerization, 20,000 PKH-stained cells were 

seeded per well. Visualization and image acquisition were performed using fluorescence microscopy 

(Olympus BX60) after 24 hours.  

6.2.9 Pericyte maturation 

 We followed a published protocol for pericyte maturation [122]. Briefly, On day 12, derived 

EVCs were collected through digestion with TrypLE and re-plated on tissue culture treated 6 well plates in 

media comprised of DMEM and 10% FBS. After 2-3 hours, unattached cells were removed and media was 

replaced. Cells were cultured for 6 days, changing the media every second day. 

6.2.10 Mesenchymal differentiation (adipogenic and osteogenic) 

 For adipogenic differentiation [10], we cultured derived pericytes at 10,000cells/cm2 in media 

comprised of DMEM, 10% FBS, 1% Penicillin/Streptomycin, 200µM Indomethacin, 500 µM 3-Isobutyl-1-

methyl xanthine (IBMX), and 5 µg/ml Insulin (all from Sigma) for 4 weeks. To assess adipogenic potential, 

cells were fixed with 3.7% formaldehyde, then dehydrated with 60% isopropanol for 5 minutes. Cells were 

incubated with Oil Red O (Sigma) at 1.8 mg/ml in 60/40 isopropanol/DI H2O, for 10 minutes and imaged 

using an inverted light microscope (Olympus). 

For osteogenic differentiation [219], we cultured derived pericytes at 5,000cells/cm2 in media comprised of 

low glucose DMEM, 10% FBS, 1% Penicillin/Streptomycin, 10mM β-glycerophosphate, 100nM 

dexamethasone, and 50 µM ascorbic acid (all from Sigma) for 2 weeks. Media were prepared fresh weekly. 

To assess osteogenic potential, samples were fixed with 3.7% formaldehyde, and washed with DI H2O. 

Samples were incubated with Alizarin Red S (40mM in DI H2O, pH ~4.2; Sigma) for 10-20 minutes.  

Graphs and statistics 
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6.2.11 Collagen gel assay 

Stock solution was used to prepare collagen gels at a density of 2.5 mg/ml, as previously described 

in the literature. Gel formation was achieved by simultaneously decreasing the solution’s pH and increasing 

the temperature to 37°C. To prepare 1 ml of 2.5 mg/ml collagen gel, we added 2 million derived cells 

(EVCs, VEcad+ cells, or VEcad- cells) resuspended in 200 ul M199 [1X] to a mixture of 39 µl M199 [10x] 

+ 400.6 µl M199 [1X]. To this, we added 350 µl Collagen Type I. After the addition of approximately 10 

µl of 1M NaOH, the solution was thoroughly mixed and transferred to wells of a 96 well plate. ECGM 

supplemented with 50ng/ml VEGF was added to the gels after 30 minutes at 37°C in a CO2 incubator. 

Visualization and image acquisition were performed using an inverted light microscope (Olympus). 

6.2.12 Synthesis of HA gels 

Acrylated HA (AHA) hydrogels were prepared as previously reported [220-221]. Briefly, AHA 

was synthesized using a two-step protocol: (1) the  tetrabutylammonium salt of HA (HA-TBA) was formed 

by reacting sodium hyaluronate (64 kDa; Lifecore Biomedical, Chaska, MN) with the highly acidic ion 

exchange resin Dowex-100 and neutralizing with 0.2 M TBA-OH; (2) acrylic acid (2.5 Eq) was coupled to 

HA-TBA (1 Eq, repeat unit) in the presence of dimethylaminopyridine (DMAP; 0.075 Eq) and di-tert-butyl 

dicarbonate (1.5 Eq) in DMSO, followed by dialysis and lyophilization. 1H NMR was used to confirm the 

final percent modification of the AHA. The cell adhesive peptide GCGYGRGDSPG (MW: 1025.1 Da; 

bold italics indicates the RGD integrin-binding domain) and matrix metalloproteinases (MMP) sensitive 

crosslinker GCRDGPQG↓IWGQDRCG (MW: 1754.0 Da; down arrow indicates the site of proteolytic 

cleavage) were obtained from GenScript Corporation (Piscataway), all with more than 95 percent purity 

(per manufacturer high-performance liquid chromatography analysis). 

 

6.2.13 EVC and sorted VE-Cad
+
 and VE-Cad

-
 subpopulation encapsulation   

AHA polymer (3 wt%) was dissolved in a sodium phosphate buffered saline (NaPBS buffer: 0.1 

M sodium phosphate, 0.3 M total osmolarity, pH 8.0. The cell adhesive peptides (RGDS; GenScript) were 

dissolved in NaPBS buffer and added to the AHA solution at final peptide concentration of 3.7 mM and 

allowed to react for one hour with gentle shaking. Recombinant human VEGF165 (Pierce), bFGF 

(Invitrogen), Ang-1 (R&D), tumor necrosis factor-alpha (TNF-α; R&D) and stromal cell-derived factor-1 
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(SDF-1; R&D) were added at 50 ng/ml into the AHA-RGDS mixture. Derived EVCs or sorted 

subpoluations were encapsulated in HA hydrogels at a density of 4 X 106 cells/ml. Following the 

resuspension of cells, the MMP solution was added at 4.83 mM (corresponding to the 25 percent of 

available acrylate groups within the 3 wt% AHA). Immediately after adding the MMP crosslinker, 40 µl of 

this mixture was pipetted into sterile molds (5 mm diameter, 2 mm height) and allowed to react for 15 

minutes at room temperature inside the laminar flow hood. The formed constructs were cultured for up to 

three days in endothelial growth media 2 (EGM2; Lonza). Visualization and image acquisition were 

performed using an inverted light microscope (Olympus) and a confocal microscope (LSM 510 Meta; Carl 

Zeiss) at various times during culture. We performed FM-464 vacuole staining (Invitrogen) following the 

manufacturer's protocol. To test parallel differentiation, day 12 EVCs were also cultured in adherent culture 

in EGM 2 (Lonza) for 3 days with media changed daily. 

6.2.14 Subcutaneous implantation of cells. 

Except for GFP-hiPSC derived cells, all other PSC-derived cells were labeled with PKH-26 (red) 

according to manufacturer’s instructions. Labeled cells, which were re-suspended with growth factor-

reduced Matrigel (BD) and 50ng/ml bFGF or engineered vascular networks in HA gels for 3 days were 

implanted subcutaneously into nude 6-8 week old female mice in quadruplicate. To visualize angiogenesis 

in the implants prior to sample removal after 2 weeks, we injected Alexa Fluor(R) 488 (or, in some 

instances, AlexaFluor(R) 647 or 546) conjugated isolectin GS-IB4 from Griffonia simplicifolia (Invitrogen) 

through tail veins of mice [222]. After 20 min, mice were euthanized by CO2 asphyxiation and explants 

were harvested and fixed in 3.7% formaldehyde (Sigma) for visualization and sectioning. The Johns 

Hopkins University Institutional Animal Care and Use Committee approved all animal protocols.  

6.2.15 Histology  

The fixed explants were dehydrated in graded ethanol (70%-100%), embedded in paraffin, serially 

sectioned using a microtome (5 μm), and stained with immunohistochemistry for anti-human CD31 (Dako) 

and anti-human NG2 (Santa Cruz) [207, 223]. Mouse tissue was used as controls. Blood vessels containing 

human CD31 cells were counted and measured for area using ImageJ (NIH). We sampled a minimum of 6 

images for each construct. 
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6.2.16 Graphs and Statistics 

All analyses were performed in triplicate samples for n=3 at least. Real-time RT-PCR were also 

performed on triplicate samples (n=3) with triplicate readings. One Way ANOVA with Bonferroni post-hoc 

test were performed to determine significance (GraphPad Prism 4.02).  

 

6.3 Results and Discussion 

6.3.1 Derivation of EVCs from hPSCs 

Toward clinically relevant outcomes and because microvascular architecture is a bicellular entity, 

we first sought to develop a robust and controlled method to differentiate hPSCs into a bicellular 

vasculogenic population with maturation capacity to both ECs and pericytes. CD105 and CD146 are 

common to both cell types [216, 224-226], whereas vascular endothelial cadherin (VEcad) has been shown 

to specify lineage commitment of ECs [213]. Though no single marker denotes a pericyte, it can be 

distinguished by expression of platelet derived growth factor β (PDGFRβ) in conjunction with CD146 

[227]. Acknowledging that co-cultures of pericytes and ECs typically result in pericyte-mediated EC 

growth inhibition [122, 216], we focused on inducing VEcad+ cells early on in the differentiation scheme to 

ensure EC maturation. Building on previous reports [74, 213, 228], we developed a step-wise 

differentiation procedure to induce vascular lineage specification. Human PSCs (Table S5-1) were first 

allowed to undergo differentiation in monolayer (Fig. S5-1). The subsequent addition of transforming 

growth factor β inhibitor, SB431542 [213], supplemented with either high (50ng/ml) or low (1ng/ml) 

vascular endothelial growth factor-A (VEGF-A) concentrations yielded upregulation of VEcad expression, 

ranging from 20-60% VEcad+ cells (Fig. 5-1B; Fig. S5-2) depending on hPSC line. Human ESC line H9 

exhibited the greatest potential to yield the largest percentage of VEcad+ cells compared to hiPSC line BC1 

and MR31 under our differentiation strategy. The expression levels of CD31 were not altered at the 

different conditions while VEGF receptor-2 (VEGFR2/KDR) expression was higher in media 

supplemented with a low VEGF concentration (Fig. S5-3). Expression of Tra-1-60 and Tra-1-81, markers 

of pluripotency, was <1% when using high VEGF concentrations, indicating the vast majority of cells had 
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been differentiated (Fig. 5-1C; Fig S5-3). Thus, for all studies EVCs were differentiated in media 

supplemented with SB431542 and using high VEGF concentrations. 

 

Figure 6-1. Derivation of EVCs from hPSCs. 

(A) Schema for self-assembled vascular derivatives. (i) hPSCs are differentiated toward EVCs that can be matured into 

functional ECs and pericytes. (ii) Derived EVCs are embedded within a synthetic HA matrix that facilitates self-

organization into vascular networks. (B) VEcad expression in day 12 differentiated hiPSC-MR31 and hESC-H9 cell 

lines comparing the three tested differentiation conditions (flow cytometry analysis; n=3). (C-D) Flow cytometry plots 

(n=3) of EVC derivatives assessing expression of (C) pluripotent markers Tra-1-60 and Tra-1-81, and (D) CD105, 

CD146. (E) EVC differentiation efficiency from hPSC lines per 1 million input hPSCs. (F) Flow cytometry plots (n=3) 

of EVC derivatives assessing expression of VEcad double labeled with CD105 or PDGFRβ. (G) Quantitative real time 

RT-PCR analysis of EC and perivascular marker expression by EVCs and sorted VEcad+ and VEcad- cells. # denotes 

‘not detected’. Data is normalized to EVCs of each specific hPSC type. (H) Flow cytometry plots (n=3) of 

hematopoietic marker CD45 (hiPSC-BC1). (I) Quantitative real time RT-PCR of H9-EVCs for the expression of 

SMMHC and peripherin, compared to undifferentiated cells (d0) and mature derivatives [215, 229]. Isotype controls for 

flow cytometry are in gray. Flow cytometry results shown are typical of the independent experiments. Significance 

levels were set at *p<0.05, **p<0.01, and ***p<0.001. Reprinted from with permission from © (2007) National 

Academy of Sciences, U.S.A [121] 

 

EVCs, derived from multiple hPSC lines using high VEGF concentrations and SB431542, were 

highly purified (>95%) for CD105 and CD146, surface antigens common to both ECs and pericytes (Fig. 

5-1D; Fig. S5-4A-C), expanding upon a previous approach that sorted out a CD105+ population from 

spontaneously differentiating EBs with a focus toward pericytes [216]. By eliminating a sorting step and 

guiding hPSCs toward a bipotent population, our approach builds upon this previous study and presents a 

novel concept yielding a CD105+CD146+ population in a controlled, efficient and robust manner that 

comprises the bicellular microvascular architecture. Without our specific inductive protocol (i.e. removal of 
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VEGF and SB431542 supplementation), hiPSC-BC1 cells differentiated for 12 days were still fairly 

enriched in CD105 (95%) and CD146 (93%); however, hESC-H9 cells differentiated for 12 days without 

these inductive conditions expressed approximately 90% CD105
+
 cells and only 54% CD146

+
 cells (Fig. 

S5-4D). Importantly, both H9 and BC1 differentiated cell populations expressed very low levels of VEcad. 

These results, in addition to the aforementioned finding that high VEGF supplementation ensures <1% Tra-

1-60+ cells in the various hPSC types (from Fig. 5-1C, Fig. S5-3), further support our choice of inductive 

media conditions. 

 

Using our approach, we can derive CD105+CD146+ EVCs at an approximate ratio of 1:1 of input 

hPSC to EVC (Fig. 5-1E). The number of input hPSCs is calculated as the number seeded at day 0 (and not 

the number of cells present after 1 day of differentiation) as previously reported [213]. The yield of VEcad+ 

cells in EVCs varied among cell lines, ranging from approximately 8 x 104 to 2.5 x 105 per 106 hPSCs (Fig. 

5-1E), similar to what has been recently reported for KDR+ EC derivatives [195]. Flow cytometry analysis 

of EVCs double labeled with antibodies against CD105 and VEcad confirmed that a subset of cells co-

expressed CD105 and VEcad (Fig. 5-1F left). Contrastingly, EVCs double labeled for VEcad and PDGFRβ 

revealed two distinct VEcad+PDGFRβlo and VEcad-PDGFRβ+ populations (Fig. 5-1F right; Fig. S5-5). 

RT-PCR analysis of sorted VEcad+ and VEcad- subpopulations from EVCs revealed distinct phenotypes 

(Fig. 5-1G). VEcad+ cells from both hESC-H9 and hiPSC-BC1 cell lines demonstrated greater expression 

of EC markers VEcad and CD31 compared to unsorted EVCs and sorted VEcad- subpopulation. Notably, 

endothelial nitric oxide synthase (eNOS) – a mature EC marker – was highly expressed in H9-VEcad+ cells 

compared to H9 EVCs and sorted VEcad- cells, whereas eNOS was undetected in all tested BC1 samples. 

Sorted VEcad- cells exhibited greater expression of pericyte markers, PDGFRβ and NG2, compared to 

EVCs and sorted VEcad+ cells. These analyses also reveal differences in the differentiation potential 

between hESC-H9 and hiPSC-BC1 lines using the adherent, step-wise differentiation protocol; they suggest 

that hESC-H9 differentiating cells may mature more rapidly toward these lineages due to the finding that 

12-day differentiated H9-EVCs start to express eNOS at the mRNA level and yielded a greater percentage 

of VEcad+ (from Fig. 5-1B) and CD31+ cells at the protein level (from Fig. S5-3) compared to the tested 

hiPSC lines.  
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EVCs were negative for hematopoietic marker CD45 (Fig. 5-1H), and demonstrated negligible 

expression of smooth muscle cell marker, smooth muscle myosin heavy chain (SMMHC), as well as 

peripheral neuron marker, peripherin (Fig. 5-1I). Comparable marker expression profiles were obtained 

from EVCs derived using serum free conditions in our adherent differentiation scheme (Fig. S5-6). From 

these analyses, we considered this derived population to be vascular lineage specific and comprised of early 

ECs and early pericytes. It should be noted that these are not mature ECs and pericytes, as only twelve days 

of differentiation is not sufficient to mature hPSCs toward matured phenotypes, in agreement with 

numerous previous studies [58, 60, 216]. 

 
Figure 6-2 EVC maturation.  

(A) Sorted VEcad+ from hiPSC-BC1-derived EVCs sub-cultured for an additional 6 days in 50ng/ml VEGF and 

SB431542-supplemented conditions and analyzed for the expression of VEcad, CD31 and CD146 (representative flow 

cytometry plots; n=3); (B) Sub-cultured sorted VEcad+ from hiPSC-BC1-derived EVCs exhibited membrane 

localization of CD31 and VEcad (both in red), lectin binding (in green), cytoplasmic expression of eNOS, punctuated 

vWF, and uptake of AcLDL (in red). (C) hiPSC-BC1-derived EVCs sub-cultured for an additional 6 days in pericyte-

inducing conditions [122] were analyzed for the expression of NG2, CD73, PDFGRβ, CD44, CD146 and CD105 via 

flow cytometry. (D) These cells exhibited appropriate localization of PDGFR, NG2 and calponin (all in green) as 

demonstrated via immunofluorescence. Isotype controls for flow cytometry are in gray. Nuclei in blue. Results shown 

are typical of the independent experiment. Scale bars are 100m. Reprinted from with permission from © (2007) 

National Academy of Sciences, U.S.A [121] 

 

6.3.2 Maturation of EVCs to ECs 

To examine the endothelial potential of hPSC-EVCs, two approaches were examined: we either 

sub-cultured EVCs or sorted and expanded VEcad+ cells, both under the same culture conditions (i.e. 

50ng/ml VEGF and SB431542). Sub-culturing yielded ECs that were enriched in VEcad and CD31 (Fig. 

S5-7A, B); however, this approach and enrichment without cell sorting varied among 3 different hPSC 

lines and a hiPSC line with vector integration gave rise to the best result (Fig. S5-7C). Sorted VEcad+ cells 

from EVCs matured toward VEcad+CD31+CD146+ ECs (Fig. 5-2A). The cells exhibited typical membrane 

expression of VEcad and CD31, lectin binding, cytoplasmic expression of eNOS and von Willebrand factor 
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(vWF), uptake of acetylated low density lipoprotein (AcLDL), upregulation of intercellular adhesion 

molecule 1 (ICAM1) in response to tumor necrosis factor α, and network formation on Matrigel (Fig. 5-2B; 

Fig. S5-7D,E). We could not detect lectin, eNOS, vWF, or acLDL uptake via immunofluorescence in our 

unsorted EVC populations, revealing that no sub-population of EVCs expresses these EC characteristics 

and additional culture is necessary to mature early ECs from EVCs. These data were consistent among the 

different hPSC lines examined. 

 

6.3.3 Maturation of EVCs to pericytes 

We next probed into the pericyte potential of the EVCs. EVCs, which do not express NG2 (Fig. 

S5-8A), were cultured under pericyte-inducing conditions [122]. After 6 days of culture, cells were 

[230] and depleted in EC markers VEcad 

and CD31 (Fig. 5-2C, Fig. S5-8A). Interestingly, most remained CD146+ but some lost CD105 expression 

(Fig. 5-2C). The spindle-

exhibited filamentous calponin expression (Fig. 5-2D), as expected for pericytes derived from fetal and 

adult sources. Sorted VEcad+ cells were unable to attach and grow under pericyte-maturing conditions. An 

important functionality of pericytes is their ability to behave as mesenchymal precursors [216, 227]. 

Indeed, the pericyte derivatives in our culture could be differentiated to adipocytes and osteoblasts (Fig. 

S5-8B,C), demonstrating their mesenchymal potential.  

 Furthermore, sorted VEcad- cells, cultured in either EC maturation conditions (50 ng/ml VEGF 

and SB431542) or pericyte-maturing conditions for 6 days, expressed NG2, PDGFRβ, and CD44 (Fig. S5-

9). A small population (~8%) of sorted VEcad- cells acquired VEcad expression (but not CD31 expression) 

when cultured in EC maturation conditions, depicting some degree of cellular plasticity.  

Taken together, the cellular analyses demonstrate that EVCs, which are made up of 

CD105+CD146+VEcad+ and CD105+CD146+PDGFRβ+ subtypes, contain the cellular makeup imperative to 

construct a microvasculature. 
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6.3.4 Self-organization of bicellular vascular networks in hydrogels 

To examine whether EVCs could be leveraged to self-organize into a bicellular microvascular bed, 

we tested network formation in collagen [171, 231] and in completely synthetic hyaluronic acid (HA)-

based hydrogel [207] (Fig. 5-3A; Fig. S5-10). We speculated that derived EVCs would be able to form 

vascular networks in a three-dimensional matrix. Indeed, in both hydrogel systems, EVCs were found to 

form lavish networks (Fig. 5-3A); sorted VEcad+ or VEcad- cells were individually unable to form such 

networks when encapsulated within collagen gels (Fig. 5-3B). VEcad+ cells primarily formed vacuoles and 

started to form nascent structures within the collagen gel with some instances of sprouting (Fig. 5-3B). We 

attribute the lack of robust network formation from derived ECs in collagen gels to the lack of pericytes in 

culture and speculate that the addition of support cells help form the networks seen with EVC 

encapsulation. VEcad- cells exhibited cell spreading and a characteristic stellate morphology, but no 

network formation.  

 
Figure 6-3 Self-assembly of EVCs to multicellular networks in 3D matrix.  

(A) Network formation from BC1-EVCs in (i) collagen and (ii) HA hydrogels. (B) Sorted VEcad+ and VEcad- cells 

encapsulated within collagen gels were unable to form networks (VEcad- insert is an example of a cell with typical 

stellate morphology; phalloidin in green, nuclei in blue); scale bars are 100m. (C) Vacuole formation was observed 

after one day as evident by: (i) light microscopy (LM) and (ii) confocal images of vacuole vital stain, FM4-64, in red 

and nuclei in blue. Scale bar is 10m. (D) On day 2, network formation with (i-ii) enlarged lumen and (iii-iv) cell 

sprouting were visualized by LM images (i and iii) and confocal images of FM4-64 in red and nuclei in blue (ii and iv). 

Scale bar in (i) and (iii) are 10m; in (ii) is 20m; and in (iv) is 50m. (E) On day 3, complex networks were observed 

with enlarged and open lumen as indicated by confocal z-stacks and orthogonal sections of FM4-64 in red and nuclei in 

blue. Scale bar is 20m. (F) After 3 days, multilayered structures were also detected as demonstrated by 3D projection 

image of NG2 (green), phalloidin (red), and nuclei (blue) showing NG2+ pericyte integrated onto hollow structures. 

Images shown are typical of the independent experiment. Scale bars are 50µm. Reprinted from with permission from © 

(2007) National Academy of Sciences, U.S.A [121] 
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6.3.5 Vascular morphogenesis of EVCs within HA hydrogels 

We next examined the progress of EVC network formation within the HA hydrogel, a xeno-free, 

synthetic, construct engineered to recapitulate tubulogenesis-inducing signals [207]. In vitro assessment of 

cellular behavior revealed the formation of multicellular networks via a sequential process typical of 

vascular morphogenesis. After 1 day of culture, we observed vacuole formation in many, but not all, of the 

cells. Some of these vacuoles had coalesced into a larger structure, resembling lumen (Fig. 5-3C; Fig. S5-

11A). To elucidate the phenotype of either cell type after 1 day, we also encapsulated VEcad+ and VEcad- 

subpopulations independently. After one day, we could clearly observe vacuoles in the encapsulated sorted 

VEcad+ subpopulation after 1 day; however, encapsulated sorted VEcad- cells primarily spread with no 

vacuole formation (Fig. S5-11B,C).  

After 2 days of EVC encapsulation, we could observe the progression of tubulogenesis including 

extensive sprouting and occasions of open lumen (Fig. 5-3D; Fig. S5-12A). By day 3, vascular networks 

grew; we clearly observed comprehensive multicellular networks within HA hydrogels. Complex vascular 

networks with patent lumen structures were easily detected throughout the hydrogels, suggesting an 

engineered vascular network (Fig. 5-3E; Fig. S5-12B). Interestingly, on day 3 we could also observe 

instances of NG2+ pericytes incorporated in the luminal structures and encircling the forming tubular 

structures (Fig. 5-3F; Fig. S5-13). 

6.3.6 Integration of hPSC-bicellular micro-vascular constructs. 

In vivo integration of vascular networks is crucial to the success of derived EVCs toward 

regenerative medicine endeavors. We first tested whether EVCs will survive implantation, assemble into 

microvascular networks, integrate with the host vasculature, and establish blood flow. Using a Matrigel 

plug assay [126], human EVCs incorporated with perfused host microvasculature, as well as generated 

human-only microvascular structures (Fig. S5-14).  

 

Next, to harness the self-organizing capability of EVCs in HA hydrogels, we subcutaneously 

implanted the engineered micro-vascular networks and assessed their survival and integration after two 

weeks. Human EVCs (derived from BC1 or a GFP-hiPSC line) were found to incorporate into or wrap 

around the mouse microvasculature (Fig. 5-4A,B; Fig. S5-15) and the hydrogels were largely degraded by 



65 

 

two weeks. HA gels without encapsulated cells exhibited slower remodeling and degradation in vivo 

compared to gels with cells, as we have previously reported [207]. Perfused microvasculatures (as indicated 

by tail-injected, mouse-specific fluorescein-conjugated GS-IB4 lectin) containing human ECs (with cross-

sectional areas ranging from 100 to 25,000 µm2) were abundant throughout the explant (~15 vessels per 

mm2), demonstrating that the transplanted human vascular networks had anastomosed with the hosts’ 

circulatory systems (Fig. 5-4C-E). Moreover, NG2+ human pericytes were found to migrate towards and 

encircle the perfused vasculature (Fig. 5-4F; Fig. S5-16).  

 

Figure 6-4 Perfusion of EVC networks in vivo in synthetic hydrogels.  

(A-B) Confocal images of two week explants of (A) BC1-EVC or (B) GFP-hiPSC-EVC networks in HA hydrogels 

demonstrate incorporation of human cells (A: red; B: green; arrows) into host vessels (tail-vein injected, mouse specific 

(A) Alexa Fluor 488-conjugated or (B) Alexa Fluor 546-conjugated GS-IB4 lectin) and human cells exhibiting pericyte 

behavior (arrowheads). Scale bars are 50µm. (i and ii: high mag of indicated regions) (C-D) Histological examination 

of the explants stained for human specific CD31 expression via (C) immunofluorescence (CD31, red blood cells, and 

dapi in red, green, and blue respectively; scale bar is 10 μm) and (D) immunohistochemistry (CD31 in brown, 

counterstain in blue; scale bar is 50 μm) reveal functional vessels containing human CD31+ cells with perfused blood 

cells. *perfused human vessel; #perfused mouse vessel. (E) Quantification of cross-sectional areas and vessels per mm2 

of microvasculature containing human CD31+ cells depicts large perfused vessels and smaller vessels lacking red 

blood cells (RBC) in explants. (F) Immunofluorescence staining of sectioned explants for human specific NG2+ (red) 

cells reveals functional human pericytes wrapping perfused vessels. Red blood cells in green, dapi in blue. Scale bar is 

10 μm. Reprinted from with permission from © (2007) National Academy of Sciences, U.S.A [121] 

 

While our bicellular constructs present several fundamental advancements to the future of cell-

based therapies, additional studies will be needed to fine-tune the ratio of early ECs to pericytes within 

EVC populations, due to the wide variability of this ratio in different tissues and organs [232]. Further 

investigations will also be necessary for clinical translation, including understanding of the cells' 

interactions with one another and appreciation of the longevity and durability of the human vascular 
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networks. Future studies will be focused on determining the in vivo longevity of engineered human 

networks to reveal not only the long-term integration of the human vasculature in the tissue but also 

whether teratoma formation is a concern, a vital consideration of pluripotent stem cell therapies. 

 

6.4 Conclusions 

The balance between commitment and plasticity of the EVCs specifically within the vascular 

lineage allows for vascular fate and network maturation. This controlled system is reproducible, generates 

physiologically relevant vascular networks in implantable matrices, and thus presents the next fundamental 

step toward patient-specific engineered tissue with clinically translatable potential.  

 

6.5 Supplementary Materials 

 

  
Supplementary Figure 6-1. Differentiating hPSCs. 

hiPSC-BC1 were differentiated in monolayer for 6 days and analyzed using flow cytometry analysis (n=3) 

for markers of interest including CD146, CD105, VEcad, and PDGFRβ. Isotype controls for flow 

cytometry are in gray. Results shown are for hiPSC-BC1 cell line and typical of the independent 

experiments. 

 
 

Supplementary Figure 6-2. VEGF, TGFβ inhibitor effects on VEcad expression. 

hPSCs were differentiated in monolayer for 6 days followed by an additional 6 days in medium 

supplemented with and without SB431542 in low and high VEGF concentrations and analyzed using real-

time PCR for VEcad expression (n=3). VEcad expression was upregulated with the addition of TGFβ 

inhibitor independently of VEGF concentrations in all hPSC lines tested. Significance levels were set at 

*p<0.05, **p<0.01, and ***p<0.001. Data are reported SEM. 
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Supplementary Figure 6-3. VEGF, TGFβ inhibitor effects on phenotype. 

hPSCs were differentiated in monolayer for 6 days followed by an additional 6 days in medium 

supplemented with and without SB431542 in low and high VEGF concentrations and analyzed using flow 

cytometry (n=3) for CD31, VEGFR2, and Tra-1-60 expression in (A) hESC-H9 and (B) hiPSC-MR31 

lines. CD31 expression did not change in the different treatments, while VEGFR2 expression was 

upregulated in media supplemented with low VEGF concentration. Tra-1-60 expression was downregulated 

to <1% in conditions supplemented with high VEGF.  Data are reported SEM. 

 

 
Supplementary Figure 6-4. Marker expression in EVCs. 

hPSCs were differentiated in monolayer for 12 days and EVC derivatives were analyzed using flow 

cytometry (n=3) assessing expression of CD105 and CD146 from (A) hiPSC-MR31 and (B) hESC-H9 

differentiated cells. (C) EVCs were also derived from a GFP transgenic hiPSC line [120] and confirmed for 
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their marker expression profile by flow cytometry. (D) Flow cytometry analysis of CD105, CD146, and 

VEcad in hPSCs differentiated for 12 days lacking supplementation of VEGF or SB431542. Isotype 

controls for flow cytometry are in gray. Results shown are typical of the independent experiments. 

 

 

 

Supplementary Figure 6-5. PDGFRβ and VEcad expression in H9 EVCs. 

H9-EVCs differentiated in media supplemented with SB431542 and using high VEGF concentrations were 

double labeled for PDGFRβ and VEcad and analyzed via flow cytometry. Results shown are typical of the 

independent experiments. 

 

 

 

 

 

Supplementary Figure 6-6. EVCs derived using serum-free conditions. 

Flow cytometry (n=3) analysis of hiPSC-BC1-derivatives after 6 and 12 days of differentiation in serum-

free conditions reveals marker expressions comparable to that of the standard differentiation scheme. 

Isotype controls for flow cytometry are in gray. Results shown are typical of the independent experiments. 
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Supplementary Figure 6-7. EC maturation.  

hiPSC-MR31-derived EVCs were sub-cultured for an additional 6 days in 50ng/ml VEGF and SB431542-

supplemented conditions and analyzed for (A) the expression of VEcad and CD31 expression 

(representative flow cytometry plots; n=3); and (B) membrane localization of VEcad and CD31 (both in 

red), cytoplasmic expression of vWF and eNOS (both in green) and uptake of acLDL (in red). Nuclei 

counterstained in blue. (C) Representative flow cytometry plots (n=3) of VEcad and CD31 expression in 

hiPSC-BC1- and hESC-H9- derived EVCs subcultured for an additional 6 days in SB431542-supplemented 

conditions. Isotype controls for flow cytometry are in gray. (D-E) VEcad+ cells from EVCs of the different 

hPSC-lines were sub-cultured for an additional 6 days in SB431542-supplemented conditions and analyzed 
for (D) the expression of I-cam in response to TNFα and (E) network formation on Matrigel (hiPSC-

MR31). Significance levels were set at *p<0.05, **p<0.01, and ***p<0.001. Data are reported SEM. 
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Supplementary Figure 6-8. Pericyte maturation and mesenchymal differentiation. 

(A) hiPSC-BC1-derived EVCs were negative for pericyte marker, NG2 (representative flow cytometry 
plots; n=3). (B) hiPSC-BC1-derived EVCs sub-cultured for an additional 6 days in pericyte-inducing 

conditions [122] were analyzed for the expression of CD31 and VEcad via flow cytometry (representative 

flow cytometry plots; n=3). Isotype controls for flow cytometry are in gray. Results shown are typical of 

the independent experiments. (C,D) Derived pericytes differentiated into mesenchymal lineages including 

(C) adipocytes (Oil Red O stain) and (D) osteoblasts (Alizarin Red S stain). Scale bar is 50µm. 
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Supplementary Figure 6-9. Sorted VEcad
- cells. 

Sorted VEcad- cells from hiPSC-BC1-derived EVCs sub-cultured for an additional 6 days in EC conditions 

(50ng/ml VEGF and SB431542) or pericyte maturation conditions analyzed for the expression of NG2, 

PDGFRβ, CD44, VEcad, and CD31 (representative flow cytometry plots; n=3). Isotype controls for flow 
cytometry are in gray. Results shown are typical of the independent experiments. 

 

 

 

 

 

    

Supplementary Figure 6-10. Cord formation of EVCs in collagen gels. 

EVC derivatives (hESC-H9) were encapsulated in collagen gels and cord-like structure formation was 

observed along the culture period. Scale bars are 100µm.  
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Supplementary Figure 6-11. Vacuole formation after 1 day HA encapsulation. 

BC1-EVCs were encapsulated in HA hydrogels and visualized via light microscopy after 1 day. (A) 

Vacuole formation on day 1 via (i) low magnification (scale bar=100µm; some vacuole are indicated by 

arrowheads) and (ii) high magnification of individual cells (scale bar is 5µm). (B) BC1-EVC sorted VEcad+ 
subpopulation encapsulated in HA gels were able to form vacuoles whereas (C) BC1- EVC sorted VEcad- 

subpopulation were not. Scale bar in B, C are 10µm. Images shown are typical of the independent 

experiments. 
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Supplementary Figure 6-12. EVC network formation in HA matrix from day 2-3. 
BC1-EVCs were encapsulated in HA hydrogels and the kinetics of network formation was documented 

with (A) sprouting and initial network formation on day 2 as indicated by serial confocal z-stack images of 

vacuole vital stain, FM4-64 (red) and nuclei (blue) (scale bar is 50µm); and (B) complex networks on day 3 

as indicated by (i) light microscopy (scale bar is 100µm), with enlarged and open lumen as indicated by (ii) 

confocal z-stacks and (iii) orthogonal sections of vacuole vital stain, FM4-64 (red) and nuclei (blue). 

Images shown are typical of the independent experiments. 

 

 
Supplementary Figure 6-13. Derived pericytes in the vascular networks. 

EVCs were encapsulated in HA hydrogels and after 3 days in culture, multilayer structures were detected as 

demonstrated by confocal microscopy of NG2 (green), vacuole vital stain FM4-64 (red), and nuclei (blue) 

showing (A) pericytes integrated onto a hollow tubular structure (3D projection) and (B) enclosing a 

luminal structure (confocal z-stack). (C) Flow cytometry analysis (n=3) confirms that EVCs cultured in HA 

hydrogel culture media for three days acquire NG2 expression. Images shown are typical of the 

independent experiment. Inset is isotype control. Scale bar is 20µm. 
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Supplementary Figure 6-14. In vivo functionality of EVCs. 

EVCs derived from (A) BC1 and (B) MR31 were dyed with PKH-26 (non-specific cell red dye), implanted 

subcutaneously in Matrigel (MG) plugs and explants were analyzed after one week. Prior to sacrifice, mice 
were tail-vein injected with mouse specific fluorescein-conjugated GS-IB-4 lectin. Representative confocal 

z-stack images of perfused explants with mouse specific fluorescein-conjugated GS-IB-4 lectin (green) 

show that EVCs integrated into host vasculature after one week (human cells in red). Some human vessels 

were lacking red blood cells (asterisk). Nuclei in blue. c, Histological examination of BC1-MG explants 

after 1 week reveals functional microvasculature containing human CD31+ cells (brown; counterstain in 

blue) as indicated by blood cell perfusion. Scale bar is 50µm. 

 
Supplementary Figure 6-15. EC and pericyte phenotypes in in vivo explants. 

EVCs derived from BC1 were dyed with PKH-26 (non-specific cell red dye), encapsulated in HA 

hydrogels, and cultured for 3 days, after which were implanted subcutaneously. Prior to sacrifice, mice 

were tail-vein injected with mouse specific fluorescein-conjugated GS-IB-4 lectin. Confocal z-stack images 

of two week explants perfused with fluorescein-conjugated GS-IB-4 lectin (green) showing human cells 

(red) interacting with the host vessels (green) via (A) incorporation into and (B) wrapping around 
penetrating host vessels.  

 



75 

 

 
Supplementary Figure 6-16. Derived pericytes in vivo. 
(A) Confocal images of two week explants of BC1-EVC networks in HA hydrogels reveals functional 

human NG2+ (green; human specific antibody) pericytes proximal to host vessels (purple) in two week 

explants. Human cells are in red (PKH26). (B-C) Histological examination of in vivo explants of hESC-H9-

EVC networks in HA hydrogels after two weeks also depict NG2+ human pericytes wrapping perfused 

vessels via (B) immunofluorescence staining on cross sections of explants. Scale bar is 20 μm, and (C) 

immunohistochemistry for human NG2 (in brown; an example is indicated by arrow). Scale bar is 10 μm. 
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77  Low O2 tension enhances endothelial fate 

of human pluripotent stem cells 
 

7.1 Introduction 

Low oxygen environments drive blood vessel growth in both the embryo and the adult. In the 

developing human embryo, the earliest tissue to form is the vascular system due to the necessity of oxygen 

and nutrients for tissue growth and survival. In the adult, ischemia, characterized by a deficit in nutrients 

and oxygen, stimulates blood vessel recruitment. In stark contrast to typical cell culture environments that 

consist of approximately 20% O2, tissues in the body experience 1-5% O2 and blood vessels experience 5-

7% O2 based on vessel type [233].  

Human stem cells provide the opportunity to study the effects of low oxygen environments on 

vascular differentiation in controlled in vitro conditions. Toward these ends, human pluripotent stem cells 

(hPSCs), including human embryonic stem cells (hESCs) and human induced pluripotent stem cells 

(hiPSCs), have been widely studied due to their abilities to self-renew and differentiate into any cell type of 

the body. Recapitulation of low O2 tensions during hPSC differentiation offers insights into embryonic 

development and in turn, may yield the generation of cells from a renewable source for therapeutic use.  

Endothelial cells (ECs), which make up the inner lining of blood vessels, are in direct contact with 

blood, thus positioning them as the first responders to changes in O2 levels. Indeed, previous studies have 

revealed that O2 availability plays a vital role in EC differentiation from a variety of stem cell sources, 

including hESCs [84-85], mouse ESCs [234], human endothelial progenitor cells [235], human bone 

marrow CD133+ cells [236], and amniotic mesenchymal side population cells [237]. Previous studies 

examining the influence of low O2 tensions on EC differentiation from PSCs have relied on three-

dimensional embryoid body differentiation [85, 234] – in which the local oxygen environment of each cell 

varies slightly according to the cell’s position in the sphere as result of an oxygen gradient [85, 238] – or 

spontaneous differentiation from pluripotent cultures on feeder layers that may contribute to oxygen 

consumption [84]. In our previous study, we found that hPSCs can be induced to co-differentiate into early 
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vascular cells (EVCs) using a step-wise differentiation protocol that employs a feeder-free monolayer 

culture and avoids an EB intermediate and sorting, thus enabling the study of the role of low O2 in a 

controlled system. The EVCs were composed of ECs and pericytes, determined by their expression of 

vascular endothelial cadherin (VEcad) and platelet derived growth factor β (PDGFRβ), respectively [121].  

Low oxygen environments have been shown to accelerate the generation of vascular precursors, 

characterized by the expression of Brachyury, Flk1, and BMP4, from mouse ESCs [239]. Common markers 

of vascular precursors applicable to human PSCs include kinase domain receptor (KDR) [69, 71-72, 210], 

CD34 [73, 126, 209], and CD56 [240]. Furthermore, in response to changing DO levels, cells increase 

production of reactive oxygen species (ROS) [241]. With respect to ECs, ROS levels increase in response 

to hypoxia and reoxygenation. The role of ROS has also been implicated in cardiovascular differentiation 

of mouse ESCs to transduce mechanical signals.[242] In ROS-induced conditions, hESCs were observed to 

differentiate into mesodermal and endodermal lineages [243]. Here we investigated whether exposure to 

5% O2 affected expression of early vascular markers as well as yielded ROS expression to transduce 

oxygen signals.  

The role of low oxygen tension in vascular growth is further complicated by the fact that arterial 

and venous ECs are exposed to disparate oxygen tensions. Macroscopically, arterial ECs are subject to 

oxygenated blood flow, in contrast to venous ECs, which experience deoxygenated blood. Previous studies 

examining the role of low oxygen tension in EC fate specification has yielded confounding results. One 

study demonstrated that newborn mice exposed to moderate hypoxia (10% O2) failed to express arterial 

markers but maintained vein-specific marker expression [244]. However, endothelial progenitor cells 

acquired an arterial fate upon exposure to hypoxic conditions [245].  

In the present study, we hypothesized that physiological oxygen conditions direct endothelial fate of 

hPSCs. We speculated that by differentiating hPSCs in controlled conditions, we could precisely elucidate 

the role of low O2 tension as a means to augment EC differentiation capacity and to direct EC fate 

specification. Furthermore, we sought to understand whether the influence of low O2 was maintained in 

hiPSC differentiation, which has not been investigated previously. Toward this end, we utilized a fully 

genetically sequenced hiPSC line, BC1, which is also derived non-virally, making it a clinically-relevant 

modality with translational importance [246]. We measured the local O2 microenvironment of the cells 
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under 5% O2 and atmospheric differentiation conditions and assessed the expression of early vascular 

markers under each condition. Next we evaluated the phenotypes of EVCs under continuous 5% O2 and 

control (atmospheric) conditions. Finally, we determined the role of ROS in the differentiation phenotypes.  

 

7.2 Materials and methods 

7.2.1 hPSC culture 

Human ESC line H9 (passages 15 to 40; WiCell Research Institute, Madison, WI) and hiPSC line 

BC1[118-119] were cultured as previously described [215, 217]. Cell lines were routinely examined for 

pluripotent markers using immunofluorescence staining and flow cytometry analysis for TRA-1-60, TRA-

1-81, SSEA4, and Oct4. 

7.2.2 Cell culture 

ECFCs, HUAECs, and HUVECs were cultured as previously described [247]. Briefly, ECFCs 

(Lonza, Walkersville, MD, USA), HUAECs and HUVECs (Promocell, Heidelberg, Germany were cultured 

in endothelial growth media-2 (EGM2, Lonza) containing 10% fetal bovine serum (FBS) on type I collagen 

(BD Biosciences, Franklin Lakes, NJ, USA). Media was changed every other day. Cells were passaged 

every three to four days with 0.05 trypsin/0.1%  ethylenediaminetetraacetic acid (EDTA; Invitrogen, 

Carlsbad, CA, USA) and maintained in a humidified incubator at 37°C in 5% CO2 atmosphere.  

7.2.3 Differentiation protocol 

 Human PSCs were collected through digestion with ethylenediaminetetraacetic acid (EDTA; 

Promega, Madison, WI), separated into an individual cell suspension using a 40-µm mesh strainer (BD 

Biosciences), and plated onto collagen IV (Trevigen) coated plates at a concentration of 5x104 cells/cm2. 

Cells were cultured in a differentiation medium composed of alpha-MEM (Invitrogen Carlsbad, CA), 10% 

FBS (Hyclone) and 0.1 mM β-mercaptoethanol (β-ME) as previously described [248]. For continuous and 

primed 5% O2 conditions, we modified a previously published protocol [249]. Cells were allowed to attach 

in normoxic (21% O2) conditions for 4 hours, and then subjected to physiologic (5% O2) conditions in a 

hermetically sealed chamber. 5% oxygen concentration was achieved by flushing the chamber with a 5% 
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O2-5%CO2-N2 balance for 3 min at 3 psi and three times every thirty minutes. Humidity was maintained in 

the chamber by inclusion of sterile water in a petri dish at the bottom of the chamber. The chamber was 

flushed and media was changed after 3 days to avoid slight changes in control oxygen concentrations due to 

oxygen consumption by the cells and to replenish nutrients to support cell growth. On day 6, differentiated 

cells were collected through digestion with TrypLE (Invitrogen), separated with a 40-µm mesh strainer, and 

seeded at a concentration of 1.25x104 cells/cm2 on collagen-type-IV-coated plates in endothelial cell growth 

media (ECGM) (PromoCell, Heidelberg, Germany) supplemented with 2% FBS, 50ng/ml VEGF, and 

10µM SB431542 (Tocris, Minneapolis, MN) for an additional 6 days. For continuous 5% O2 conditions, 

cells were allowed to attach for 4 hours in normoxic conditions, and then subjected to 5% O2 conditions as 

described above. Media was changed and where appropriate, the chamber was flushed, every 3 days.   

7.2.4 DO measurements 

 Dissolved oxygen (DO) levels were measured as previously described [249-252]. Briefly, DO was 

measured noninvasively, using a commercially available sensor dish reader (SDR; PreSens GmbH, 

Regensburg, Germany) capable of reading DO levels from an immobilized fluorescent patch affixed to the 

bottom of culture plate (Oxo-Dish OD-6; PreSens). The plates are sterilized and calibrated by the 

manufacturer for consistency in measurements. The dishes were then coated with collagen IV in a manner 

identical to dishes without sensor patches; All measurements were performed in a controlled environment 

within an incubator at 37 °C, and were taken every five minutes. Collected data were exported for analysis 

into Excel (Microsoft, Inc., Redmond, WA) and GraphPad Prism (4.02, GraphPad Software, San Diego, 

CA).  

7.2.5 Flow cytometry 

Flow cytometry was performed as previously described [218]. Briefly, cells were incubated with 

FITC- or PE-conjugated antigen specific antibodies for markers outlined in the text. All analyses were done 

using corresponding isotype controls. Forward-side scatter plots were used to exclude dead cells. User 

guide instructions were followed to complete the flow cytometry analysis via Cyflogic v1.2. 
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7.2.6 Real-time quantitative RT-PCR 

Two-step reverse transcription polymerase chain reaction (RT-PCR) was performed on 

differentiated and undifferentiated (day 0) hPSCs as previously described in accordance with Applied 

Biosystems manufacturer instructions [247]. For each primer set (CD34, KDR, CD56, VEcad, CD31, 

ephrinB2, EphB4, Nrp1, Nrp2), we used the comparative computerized tomography method (Applied 

Biosystems, Foster City, CA) to calculate the amplification differences between different samples. The 

values for experiments were averaged and graphed with standard deviations. 

7.2.7 Immunofluorescence  

Cells were prepared for immunofluorescence as previously described [218]. Briefly, fixed cells 

were blocked in 1% BSA, treated with 0.1% Triton-X (Sigma-Aldrich, St. Louis, MO), and incubated with 

the antigen specific antibodies for the markers outlined in the text, followed by an appropriate secondary, 

and DAPI (Roche Diagnostics). The immunolabeled cells were examined using a fluorescent microscope 

(Olympus BX60). 

7.2.8 Matrigel 

Cord formation on Matrigel was assessed as previously described [199, 248]. Briefly, Matrigel 

was cast into 16 well chamber slides (Lab-Tek). After polymerization, 20,000 cells were seeded per well in 

50 ng/ml VEGF media. Cord formation was observed after 4, 12 and 24 h. Quantification was performed 

using the Angiogenesis Tube Formation application module in Metamorph. 

7.2.9 Arteriovenous fate determination 

To assess fate specification, RT-PCR analysis was performed on control ECFCs, HUAECs, and 

HUVECs, and derived control, primed, and continuous EVCs. All data were normalized to expression by 

ECFCs. The ratio of ephrinB2 to EphB4 and Nrp1 to Nrp2 was calculated. The natural log of the ratio was 

taken and graphed versus cell type.  

7.2.10 ROS detection and inhibition 

We followed previously published protocols to detect and inhibit ROS production [250]. For ROS 

detection, we replaced the culture media with 10 µM 2’,7’-dichlorodihydrofluorescein diacetate (H2-
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DCFDA) (Invitrogen) in PBS and incubated for 30 min at 37ºC. Samples were washed with PBS three 

times prior to imaging. For ROS inhibition, we treated cells with diphenyleneiodonium (DPI) (Sigma-

Aldrich) at a concentration of 10 µM.  

7.2.11 Graphs and statistics 

All analyses were performed in triplicate samples for n=3 at least. Real-time RT-PCR were also 

performed on triplicate samples (n=3) with triplicate readings. One Way ANOVA with Bonferroni post-hoc 

test were performed to determine significance (GraphPad Prism 4.02). 

 

7.3 Results  

7.3.1 DO measurements and oxygen uptake rate. 

Three classes of hypoxia have been described in correlation with the oxygen concentration in the 

blood: moderate hypoxia (~5% O2), severe hypoxia (~1% O2), and anoxia (no O2) [253]. Moderate hypoxia 

corresponds to physiologic oxygen tension, or the concentration of oxygen typically found in blood vessels. 

Alternatively, severe hypoxia is found within certain tissues, the developing embryo, and in tumors; anoxia 

arises from complete lack of blood flow and has been suggested to be present in the bone marrow niche 

[233, 254]. Previous studies have reported that prolonged differentiation in 1% O2 conditions yielded cell 

death and low quality RNA [84]; thus, we focused on a 5% O2 environment as a representative of 

physiologically relevant conditions.  

In this study hPSCs were differentiated in feeder-free monolayer cultures following our 

established protocol [121]. We began by measuring dissolve oxygen (DO) levels during the first six days of 

differentiation to determine the oxygen uptake rate (OUR). Towards this end, hPSCs were dissociated into 

a single cell suspension and seeded on a collagen IV substrate with oxygen sensor patches affixed to the 

bottom. Using this system, it is possible to measure DO levels precisely at the cells’ microenvironment 

[249, 251-252]. We measured the DO levels every 30 minutes for six days, and changed media on the third 

day. Under atmospheric conditions (approximately 20% O2), DO levels decreased to ~15% O2 for both 

hESC-H9 and hiPSC-BC1 differentiating cells (Fig. 6-1A; for ease of visualization, measurements every 60 

minutes are presented on the graph).  
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To obtain 5% O2 conditions, differentiation occurred in a hermetically sealed chamber flushed 

with a nitrogen/carbon dioxide/oxygen mixture to obtain 5% O2 conditions prior to DO measurements. 

Under these conditions, we detected oscillations in DO levels initially (data not shown). We attribute these 

fluctuations to the low temperature of the gas mixture used to flush the chamber to obtain. Thus, our 

measurements begin once the temperature within the chamber is constant (i.e. after 2.5 hours). We found 

that DO levels of differentiating cultures decreased to approximately 1% O2 over the first six days of 5% O2 

differentiation (Fig. 6-1B). DO levels did not appear to reach equilibrium after 3 days, as evidenced by the 

downward sloping trend over the first 3 days. Over the next 3 days, DO levels decreased in a gradual 

fashion and reached a steady state on the sixth day. After 6 days, cell density was not significantly different 

between the two hPSC lines or variable oxygen tensions (Fig. 6-1C).  

The difference in the oxygen partial pressure in the chamber and the DO level measured by the 

sensors allows us to calculate the oxygen gradient. Using this gradient and taking into account the cell 

growth after six days, we can also calculate the OUR per cell. We calculated the OUR based on several key 

assumptions as previously [249]: (1) equilibrium is achieved at the liquid-gas interface, (2) oxygen 

concentration remains steady, (3) oxygen diffusivity in medium is similar to that in water, and (4) 

population changes are slow. From these assumptions, the OUR is calculated by: 

       
 
       

  
 

where DO2 is the oxygen diffusivity in water (3.35 x 10-5 cm2/s), C* is the O2at the bottom surface in 

mol/cm3, C0 is the concentration of O2 in the gas phase in mol/cm3, h is the height of the liquid in the well 

in cm, and φ is the number of cells/cm2. (For complete derivation, please refer to our previous 

publication.[249]) The difference in OURs between hPSC lines were not significant; however, the OUR of 

cells differentiated in atmospheric conditions was significantly greater than that in 5% O2 conditions for 

each cell line (Table 6-1). These findings agree with our previously reported data that demonstrated the 

OUR of hPSC cultures under atmospheric conditions was greater than that in lower O2 conditions [249]. 

7.3.2 Assessment of early vascular marker expression 

After six days of differentiation in either atmospheric or 5% O2 conditions, we assessed the expression of 

early vascular markers by the differentiated cells. Flow cytometry revealed no difference in protein 
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expression of KDR, CD34, or CD56 between the differentiation conditions (Fig. 6-1D). However, RT-PCR 

analysis revealed that CD34, KDR, and CD56 expression is significantly increased in 5% O2-differentiated 

cells compared to control differentiation (Fig. 6-1E).  

 

 

 

 

 

 

 

 

 

 

 
Table 7-1. Calculation of oxygen uptake rate (OUR)  

 

 

 
Figure 7-1 EVC differentiation in 5% O2. 

DO measurements throughout feeder-free monolayer differentiation of hPSCs during (A) atmospheric conditions and 

(B) 5% O2. After six days, differentiating cells were assessed for (C) cell growth and (D,E) expression of vascular 

progenitor markers via (D) flow cytometry and (E) RT-PCR. Reproduced from [255]. 

 

Control   

    PO2, % 21 5 

    xO2 4 x 10-6 9.6 x 10-7 

    C*, µM 224 53 

H9   

    C0, µM 159.5 ± 9.2 8.3 ± 3.1 

    PO2, % 14.9 0.8 

    OUR, pmol/s per 106 cells 73.0 ± 16.1 41.3 ± 4.2 

BC1   

    C0, µM 168.8 ± 16.7 10.8 ± 1.2 

    PO2, % 15.8 1.0 

    OUR, pmol/s per 106 cells 51.7 ± 17.9 36.9 ± 5.3 
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7.3.3 Effect of 5% O2 environment on endothelial differentiation 

Next we assessed the effect of variable oxygen conditions on our bicellular EVCs. We compared 

the EVCs derived in continuous 5% O2 tension to control conditions (Fig. 6-2A). Our control conditions 

were differentiating cells exposed to atmospheric conditions for all 12 days (control EVCs [121]). In 

continuous 5% O2 conditions, cells were exposed to a 5% O2 environment for all 12 days of differentiation. 

Light microscopy images revealed drastic morphological differences in the cell derivatives (Fig. 6-2B). 

EVCs differentiated in control conditions appeared spread with no visible organization. Remarkably, EVCs 

differentiated in continuous 5% O2 conditions adopted an organized structure and exhibited two distinct 

morphologies: elongated cells bundles (arrows) and cobblestone area-forming cells (arrowheads). Flow 

cytometry analysis of these derivatives revealed that 5% O2-differentiated EVCs exhibited greater VEcad 

expression compared to control conditions (Fig. 6-2C; p < 0.05).  

 

Figure 7-2 Effect of 5% O2 on endothelial differentiation. 

(A) Schematic of manipulated oxygen environments. Comparison of control and continuous 5% O2 conditions 
demonstrated by (B) light microscopy images (arrows: elongated cell bundles; arrowheads: cobblestone area-forming 
cells; scale bar is 100 µm), (C) flow cytometry for VEcad expression, and (D, E) immunofluorescence images of 
VEcad (red) and PDGFRβ (green). Nuclei in blue. Scale bar in D is 500 µm; scale bar in E is 100 µm.  Reproduced 

from [255]. 

 

Immunofluorescent staining revealed further differences between the EVCs. Some VEcad 

expression in control EVCs was membrane localized, but most was intracellular (Fig. 6-2D,E). Control 

EVCs exhibited PDGFRβ expression localized to the nucleus, most likely as a result of non-specific 

binding. Contrastingly, immunofluorescent images uncovered a unique organization of two distinct 

populations of VEcad+ and PDGFRβ+ cells in 5% O2 EVCs (Fig. 6-2D). VEcad+ clusters were observed to 

be surrounded by PDGFRβ+ pericytes. Moreover, VEcad expression was appropriately localized to the 
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cellular membrane in EVCs derived via continuous 5% O2 environments (Fig. 6-2E). PDGFRβ expression 

in 5% O2 EVCs was largely expressed in cells’ cytoplasm.  

7.3.4 Effects of temporal low oxygen differentiation environments 

To determine whether low oxygen environments play a role in a temporal manner, we compared 

the effect of 5% O2 environments over the first half of differentiation to the effect of 5% O2 environments 

over the second half of differentiation (Fig. 6-3A). In the secondary 5% O2 conditions, cells were exposed 

to control (i.e. atmospheric) conditions for the first six days of differentiation followed by six days in 5% 

O2 conditions. Conversely, in the 5% O2 primed condition, cells were exposed to a 5% O2 environment for 

the first six days of differentiation followed by six days in control conditions. We found that mRNA levels 

of VEcad and CD31 were significantly increased in continuous or primed 5% O2 conditions compared to 

control conditions (Fig. 6-3B). Interestingly, when cells were alternately cultured in secondary 5% O2 

conditions, VEcad and CD31 mRNA expression levels were similar to that of control conditions. 

Correspondingly, light microscopy revealed that secondary 5% O2 EVCs lacked any organization (similar 

to control conditions) whereas primed 5% O2 EVCs resembled continuous 5% O2 EVCs with an 

organization composed of elongated cell bundles (arrows) and cobblestone area forming cells (arrowheads) 

(Fig. 6-3C). Flow cytometry for VEcad expression confirmed that primed 5% O2 EVCs had significantly 

greater VEcad protein expression compared to secondary 5% O2 EVCs (Fig. 6-3D). In fact, VEcad 

expression by primed 5% O2 EVCs was similar to that by continuous 5% O2 EVCs (from Fig. 6-2C). 

Finally, we confirmed that primed 5% O2 EVCs also displayed clusters of VEcad+ cells surrounded by 

PDGFRβ+ pericytes (Fig. 6-3E, left), with appropriately localized VEcad and PDGFRβ (Fig. 6-3E, right). 

Altogether, these data demonstrate that low oxygen conditions play during the early stages of 

differentiation enhance endothelial lineage commitment. 
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Figure 7-3 Effect of temporal 5% O2 differentiation conditions. 

(A) Schematic of manipulated oxygen environments. (B) RT-PCR analysis of VEcad and CD31 expression of EVCs 
differentiated under the four studied oxygen conditions. Comparison of secondary and primed 5% O2 conditions 

demonstrated by (C) light microscopy images (arrows: elongated cell bundles; arrowheads: cobblestone area-forming 
cells; scale bar is 100 µm) and (D) flow cytometry for VEcad expression. Isotype control in gray. (E) 
Immunofluorescence images of primed 5% O2 EVCs for VEcad (red) and PDGFRβ (green). Nuclei in blue. Scale bar 
for left column is 500 µm; scale bar for right column is 100 µm. *P<0.05; **P<0.01; ***P<0.001. Reproduced from 
[255]. 

 

7.3.5 Effect of 5% O2 on endothelial fate  

As our data suggested augmented EC differentiation, we further investigated EC characteristics. 

We compared control EVCs to primed and continuous 5% O2 EVCs. Flow cytometry analysis revealed 

significantly augmented CD31 expression under either 5% O2 condition (Fig. 6-4A; p<0.05). 

Immunofluorescent assessment corroborated this result and revealed the expression of clusters of cells 

expressing CD31 appropriately localized to the cell membrane (Fig. 6-4B). We also observed increased 

lectin binding in EVCs differentiated under either primed or continuous 5% O2 conditions (Fig. 6-4C). 

Lectin was not expressed in control EVCs; however, we could observe clusters of lectin+ cells under both 

5% O2 conditions (Fig. 6-4C).  
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Figure 7-4 EC differentiation under varying oxygen conditions. 

(A) Flow cytometry analysis of CD31 expression. Isotype control in gray. (B-D) Immunofluorescent images of (B) 

CD31 (in red; scale bar is 200 µm; inserts are high magnification of boxed region) (C) lectin (in red; scale bar in i, ii 

are 500 µm, 200 µm, respectively; second column is high magnification image of boxed area), (D) uptake of acLDL (in 

red; scale bar is 200 µm) in EVCs derived under primed or continuous 5% O2 conditions compared to control and (E, 

F) assessment of cord formation over 24 h (scale bar is 500 µm). *P<0.05; **P<0.01; ***P<0.001. Reproduced from 

[255]. 

 

As part of the body’s cholesterol metabolism, ECs are able to incorporate acetylated low density 

lipoprotein (acLDL). When we examined the ability for the three classes of EVCs to endocytose acLDL in 

vitro, we found that primed and continuous EVCs were able to uptake acLDL again following a clustered 

phenotype (Fig. 6-4D). We could not detect acLDL uptake in control EVCs.  

We next assessed the ability for EVCs derived by the three conditions to form cord-like structures 

on Matrigel. After 4 hours of culture, we could observe some spreading in control EVCs (Fig. 6-4E). 

Intriguingly, primed or continuous EVCs were able to reorganize into cord-like structures after just 4 h. 

Quantification of mean tube length revealed both types of 5% O2 EVCs formed structures with significantly 

larger mean tube lengths compared to control EVCs after 4 h (Fig. 6-4F). Over 24 h, the mean tube length 

of structures formed by continuous or primed EVCs did not change. Contrastingly, the mean tube length of 

structures formed by control EVCs gradually increased over 24 h, approaching that of primed and 

continuous EVCs. Examining the mean tube thickness we found a similar trend (Fig. 6-4F). After 4 hours 

of culture, primed or continuous EVCs reached their maximum thickness while networks formed by control 

EVC increased in mean tube thickness over 24 h. 
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To further define the phenotype of derived ECs, we examined the expression of arterial EC 

markers, ephrinB2 and Nrp1, and venous markers, EphB4 and Nrp2, compared to control cell types, human 

umbilical artery ECs (HUAECs) and human umbilical vein ECs (HUVECs). Expression of these markers 

was normalized to that by endothelial colony forming cells (ECFCs). We took the natural log of the ratio of 

the relative expression of arterial markers ephrinB2 and Nrp1 to the relative expression of venous markers 

EphB4 and Nrp2, respectively. This form of analysis yields positive values for arterial cells (e.g. HUAECs) 

and negative values for venous cells (e.g. HUVECs) (Fig. 6-5). When we assessed these values for control, 

primed, and continuous EVCs, we found that both primed and continuous EVCs took on a phenotype more 

similar to that of HUAECs (Fig. 6-5). Control EVCs did not demonstrate a clear fate identity toward either 

lineage. These data suggest that a 5% O2 differentiation environment may promote EVCs toward the 

arterial lineage.  

 

7.3.6 Role of ROS in 5% O2 differentiation  

Low oxygen environments promote the generation of reactive oxygen species (ROS), which allow 

the cells to adapt to lower O2 tensions.[256] Generation of ROS was analyzed by H2DCF-DA, a redox-

sensitive fluorescent dye, during differentiation in 5% O2 and control conditions (Fig. 6-5A). After just 

three days, we observed ROS accumulation in the 5% O2 differentiated cells to a greater extent than that in 

control cells (Fig. 6-5B). To understand whether there was an association between ROS generation and the 

distinct phenotypes observed after 12 days, we treated the cells with DPI, a potent inhibitor of ROS. As we 

found that low oxygen conditions during the early stages of differentiation affect endothelial fate, we 

examined the effect of the addition of DPI to the first half of the differentiation. When DPI was added at 

day 0, cell attachment and proliferation was severely limited and we could not obtain enough cells for 

analysis. Alternatively, we added DPI after 3 days of differentiation in order to first allow the cells to attach 

and grow and then treated them with DPI for a total of 3 days (days 3-6 of differentiation). After three 

following days of differentiation under DPI-treated conditions (day six total), ROS production was 

drastically reduced (Fig. 6-5C). 

DPI-treated cells were maintained in 5% O2 conditions for the second six days of differentiation 

but without DPI. After 12 days, DPI-treated cells exhibited similar expression of VEcad but lower 
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expression of CD31 compared to control EVCs (Fig. 6-5D). Both VEcad and CD31 expression in DPI-

treated cells was significantly lower than EVCs differentiated in 5% O2 conditions without DPI (from Fig. 

6-3B). Thus, we suggest that the presence of DPI abolished differentiating cells’ downstream signaling in 

response to 5% O2 and led to a phenotype more similar to that of atmospheric-derived (i.e. control) cells, 

implicating ROS in the augmented vascular differentiation capacity under 5% O2 conditions. 

 

 

Figure 7-5 Effect of temporal 5% O2 differentiation 

conditions. 

Role of ROS in EC fate. (A) Schematic of DPI-treated 
conditions. ROS expression (green) after (B) 3 days in either 
control (i.e. atmospheric) or 5% O2 conditions and (C) three 
additional days with or without DPI treatment under 5% O2 
conditions. Scale bars are 100µm. (C) RT-PCR analysis of 
differentiation products, normalized to control EVCs. *P<0.05; 
**P<0.01; ***P<0.001. Reproduced from [255]. 

 

 

7.4 Discussion 

Because of their ability to differentiate into every 

cell type of the body and to self-renew indefinitely in 

culture, hPSCs represent an important channel toward 

the progress of tissue regenerative therapies owing to 

their potential to generate clinically-relevant numbers of 

any cell type of interest. Means to improve hPSC 

differentiation capacity will advance their clinical 

application toward repairing tissue in vivo or rebuilding 

tissue in vitro. Vital to these efforts is the regeneration of 

a functional blood supply to sustain tissue survival. Low 

oxygen tension is an important regulator in blood vessel growth. In the present work, we demonstrated that 

low oxygen environments augment endothelial differentiation from hPSCs. Toward the goal of obtaining 

cells for therapeutic use, we employed a clinically relevant hiPSC line, BC1, which holds great potential for 

clinical translation due to its non-viral reprogramming method and knowledge of its entire genetic sequence 

[246]. 
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When manipulating O2 environments, the precise measurement of O2 tension in the cellular 

microenvironment is critical in order to correlate cellular responses to O2 availability. Our previous studies 

have demonstrated that, as a result of oxygen uptake by the cells, the O2 microenvironment the cells 

experience varies from that in the macroenvironment [249-250]. In the previous and current study, DO 

levels were monitored via a fluorescent quenching technique, in which a non-invasive sensor patch 

composed of a ruthenium-based metal complex is excited by an external fluorescence light source. In our 

present study, we confirmed that DO levels experienced by the cells are lower than that of the 

macroenvironment. Under atmospheric conditions, differentiating hPSCs experience DO levels closer to 

15%. Contrastingly, hPSCs maintained in pluripotent culture under atmospheric conditions experience 

decreasing DO levels to ~5% O2 along a three day culture period, as we have previously reported [249]. 

These differences could be a result of the lower cell seeding density in our differentiation system and 

perhaps a slower proliferation rate. In 5% O2 conditions, differentiating hPSCs actually experience DO 

levels close to 1% after three days in culture. These differences play a vital role in cellular responses as 

different pathways are activated under 5% O2 versus 1% O2.  

Despite similar cell growth rates after six days, cells differentiated in 5% O2 conditions 

demonstrated a lower OUR compared to control cells, concordant with our previous findings that various 

cell types, including somatic and pluripotent cells, cultured under lower oxygen conditions exhibit lower 

OURs than cell cultured under atmospheric conditions [249]. Six days differentiated cells did not express 

vascular progenitor markers CD34, KDR, or CD56 at the protein level. However, it is clear that the lower 

oxygen tension did affect mRNA expression of these vascular progenitor markers as RT-PCR revealed 

significantly increased expression of all three markers after six days under 5% O2 conditions compared to 

control conditions. We suspect that this discrepancy is due to the fact that though the low oxygen 

conditions are impacting the internal cellular machinery of the differentiating cells, six days may not be 

sufficient time to observe the differences at the protein level. 

After 6 days of differentiation in either atmospheric or 5% O2 conditions, cells were then subjected 

to a subsequent 6 days of differentiation in either condition. Indeed, continuous exposure to 5% O2 for 12 

days yielded EVCs with vastly different cell morphologies and cellular phenotypes compared to control 

EVCs. The low oxygen differentiation environment stimulated increased expression of EC markers VEcad 
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and CD31 as well as their appropriate junctional localization. Low oxygen differentiation environments 

also yielded the generation of these derived ECs in discrete colonies throughout the culture, surrounded by 

PDGFRβ cells. This EC colony phenotype is reminiscent of an adult stem cell population, endothelial 

colony forming cells (ECFCs), known for their ability to differentiate to mature ECs.  

Though we implicate the role of 5% O2 in EC differentiation from hPSCs, an intriguing caveat to 

this generalization is that a low oxygen environment is especially critical during the early time points of 

differentiation. EVCs exposed to 5% O2 only during the first half of differentiation exhibited two distinct 

cell morphologies, characterized as VEcad+ colonies surrounded by PDGFRβ+ pericytes. When alternately 

exposed to 5% O2 only during the second half of differentiation, EVCs resembled control EVCs with 

respect to morphology and VEcad and CD31 expression. The effect of early low oxygen tension is 

suggestive of embryonic differentiation in which the vascular system itself forms under hypoxic oxygen 

levels, which increase to more physiologic levels after the onset of flow.  

Another important aspect of the low oxygen differentiation environment is its ability to accelerate 

EC maturation. EVCs differentiated in either continuous or primed 5% O2 conditions exhibited appropriate 

membrane localization of CD31, in addition to VEcad. As we previously reported, EVCs did not express 

such robust membrane localization of VEcad or CD31 until 18 days and after sorting [121].  ECs in both 

primed and continuous EVCs also exhibited lectin binding and were able to uptake acLDL, a functionality 

associated with more mature EC phenotypes. Furthermore, continuous and primed EVCs demonstrated 

more rapid cord-like structure formation compared to control EVCs. Cord-like structures were observed as 

early as 4 hours after culture on Matrigel whereas a comprehensive network was not observed by EVCs 

until 24 hours. Control EVCs reached similar network formation capability on Matrigel with respect to 

mean tube length and mean tube thickness after 24 hours. Taken together, these data demonstrate that low 

oxygen differentiation conditions enhance EC commitment as exemplified by the boost in EC marker 

expression and functionalities. 

The derivation of ECs specified for a particular function may yield more effective repair of 

dysfunctional or injured vasculature. That oxygen tension differs in arteries and veins warrants continued 

study of the role of this instructive signal in EC specification. Our studies revealed that a 5% O2 

differentiation environment promoted the derivation of arterial-like ECs as demonstrated by increased 
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expression of arterial markers ephrinB2 and Nrp1. Because our ECs are co-derived with pericytes, we 

speculate the ECs may be more appropriately labeled as arteriole ECs. Previous studies have implicated a 

role for fluid shear stress [257] or activation of cyclic AMP pathway [257] in arterial specification from 

endothelial progenitor cells or mouse PSCs, respectively. Furthermore, it has been demonstrated that low 

oxygen conditions (~1% O2) activate the Notch signaling pathway, which in turn upregulates arterial 

marker expression and represses venous marker expression in murine embryonic endothelial progenitor 

cells [258]. Inhibition of Notch signalling under hypoxic conditions led to markedly reduced levels of 

arterial markers. Contrastingly, other studies demonstrate that moderate hypoxia (10% O2) promoted vein-

specific marker expression but not artery marker expression [244]. Our finding that low oxygen tension 

promotes arterial EC fate specification is in agreement with the former of these two studies, linking low 

oxygen tension to arterial fate. To our knowledge, ours is the first study to study and make this connection 

in hPSC differentiation. The platform established here could be further leveraged to investigate these 

signaling pathways that drive specification more extensively.  

Another common byproduct of hypoxic culture conditions is increased expression of VEGF, which 

acts upstream of Notch [259]. Corroborating this finding, previous literature supports that arteriovenous 

specification may be regulated by distinct VEGF levels, indicating that higher VEGF concentrations yield 

arterial ECs whereas lower VEGF concentration yield venous EC [260-261]. Intriguingly, Lanner et al. 

found that arterial EC differentiation from mouse PSCs under hypoxic conditions was independent of 

increases in VEGF [262]. Future work using our differentiation practice could help to understand this 

regulation more closely and expose whether the same is true during human PSC differentiation. 

To better understand the differences between 5% O2 and atmospheric differentiated cells, we 

examined the role of ROS on derivative phenotypes. We found that when we added DPI at the very 

beginning of differentiation, the ability for cells to attach and proliferate was diminished. This decreased 

cell viability may be due to the necessity of a basal level of ROS for cell survival in hPSCs, a dependency 

that has been demonstrated in other cell types [263-264]. To assess whether ROS generation under 5% O2 

conditions was critical to the observed phenotypes of primed and continuous EVCs, we treated 

differentiating cells with DPI from days 3-6 of 5% O2 differentiation. Our data indicated that VEcad and 

CD31 mRNA levels of DPI-treated EVCs were similar to or lower than that of control (i.e. atmospheric) 
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EVCs, demonstrating that treatment with DPI abrogated the endothelial inductive effect of the low oxygen 

differentiation environments.  

While our system presents a controlled method to study varying oxygen tensions on EC 

differentiation from hPSCs, there are certain notable limitations. For one, because we are only subjecting 

the system to 5% O2 conditions every 3 days, the DO level drops in between flushes in a manner that we 

are not controlling. Future studies employing constant 5% O2 exposure would further help validate our 

findings. Second, the first half of our differentiation scheme includes media rich in serum (10% serum), 

which is known to contain a wide variety of undefined growth factors and cues. Reduction of this unknown 

variable could further help unveil the role low oxygen tension, unbridled by extraneous cues.  

 

7.5 Conclusions 

These studies demonstrate the importance of low oxygen tension in EC differentiation in a 

controlled environment and importantly for the generation of ECs with clinical translatability. 
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88  The extracellular matrix is a novel attribute 

of endothelial progenitors and of hypoxic mature 

endothelial cells 
 

8.1 Introduction 

 Endothelial cells (ECs) form the dynamic inner lining of blood vessels; this interior layer plays a 

pivotal role in providing necessary nutrients, facilitating gas exchange, and maintaining homeostasis, 

among many other functionalities. Stem cells aid the growth and repair of blood vessels; specifically, 

endothelial progenitor cells (EPCs) that circulate in the bloodstream can be endogenously triggered to hone 

to sites of ischemia or form vasculatures [28]. Endothelial colony forming cells (ECFCs) are a class of 

circulating EPCs mainly due to their high proliferation capabilities and contribution to functional vessels 

[48-50]. Because of their regenerative capacity, EPCs have been widely studied toward the development of 

vascular therapeutics [265-269].  

Concentrically surrounding the endothelial layer is its extracellular matrix (ECM), which is critical 

to preserve the function and integrity of blood vessels as well as engineered vascular substitutes [183, 270]. 

The vascular basement membrane, which is largely comprised of collagens, laminins, fibronectin, heparin 

sulfate proteoglycans, and entactin [271], is known to be a crucial mediator of cell behavior during 

angiogenesis, the growth of new blood vessels [272].  

Among myriad growth factors and biochemical signals required for angiogenesis and vessel 

maturation, transforming growth factor β (TGFβ), in particular, stimulates ECM deposition to stabilize 

nascent vessels [136, 273-274]. Hypoxia contributes to the complex interplay between vascular cells and 

their ECM [275]. It critically regulates blood vessel growth in ischemic, injured, or cancerous tissue by 

increasing the expression of numerous genes involved in vessel formation and maturation. Hypoxia 

inducible factors 1α and 2α (HIF1α and HIF2α), isoforms of the HIFα transcription factor, accumulate 

greatly under hypoxic conditions to maintain oxygen homeostasis and play an important role in hypoxia-
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driven angiogenesis, which is vital for ECM formation in tissue repair [276-280]. As such, it has been an 

emerging focus of vascular tissue engineering. 

The ECM of tissues has recently been of immense relevance with the advent of transplantable 

decellularized tissues that have served as functional and more biomimetic tissue replacements [22, 281]. 

These scaffolds, which are isolated from various cell types and primarily composed of ECM proteins, 

provide a bioinstructive template for re-seeded autologous cells [282-287]. The examination of 

decellularized ECM of human arteries and veins has primarily focused on the evaluation of mechanical 

properties, longevity, and ability to support re-cellularization to engineer functional vessels [286-288]. 

Specific to blood vessels, studies have centered on ECM production by pericytes [289-290], 

vascular smooth muscle cells (SMCs)[92], and fibroblasts [291-292]. Studies associating ECs with their 

ECM have largely deduced that the endothelium modulates its ECM through secreted factors [293-294], 

but only few studies unequivocally implicate ECs with ECM synthesis [295]. To the best of our knowledge, 

the endothelial contribution to blood vessel ECM in humans has not been rigorously evaluated, though it 

has the potential to advance vascular therapeutics.  

In the present study, we hypothesize that ECM produced by the endothelial lining is dependent on 

the maturation stage of the cells and the environmental cues acting on them. For this, we determined the 

ECM characteristics of human umbilical artery ECs (HUAECs), human umbilical vein ECs (HUVECs), 

and ECFCs to elucidate variations in ECM composition and response to physiological and biomolecular 

factors. We anticipate that elucidation of ECM variations between ECFCs, arterial ECs, and venous ECs 

provides the framework for the development of more suitable vascular tissue engineered substitutes. 

 

8.2 Materials and Methods 

8.2.1 Cell Culture 

 ECFCs (Lonza, Walkersville, MD, USA) were cultured according to manufacturer’s instructions 

in endothelial growth media-2 (EGM2, Lonza) containing 10% fetal bovine serum (FBS) on type I collagen 

(BD Biosciences, Franklin Lakes, NJ, USA). HUAECs and HUVECs (Promocell, Heidelberg, Germany) 

were cultured following ECFC culture conditions to exclude the possibility that variable culture condition 

could affect cell behavior. Media was changed every other day. Cells were passaged every three to four 
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days with 0.05% trypsin/0.1% ethylenediaminetetraacetic acid (EDTA; Invitrogen, Carlsbad, CA, USA) 

and maintained in a humidified incubator at 37°C in 5% CO2 atmosphere. For all experiments, cells were 

seeded at 8,000 cells/cm
2
 on 4-well chamber slides (Sigma, Allentown, PA, USA) coated with collagen I in 

EGM2 media as described above. When indicated, EGM2 media was supplemented with 10% FBS (for a 

total of 20%) or higher cell densities (16,000/cm2) were seeded. Media was changed every other day. For 

transforming growth factor β (TGFβ) inhibitor or Rho-associated kinase (ROCK) inhibitor studies, ECFCs 

were cultured in EGM2 media supplemented with 20μM TGFβ inhibitor, SB431542 (Tocris, Minneapolis, 

MN, USA), or 20μM Rho-associated kinase (ROCK) inhibitor, Y-27632 (Sigma).  

Human MCF10As 

8.2.2 Decellularization of cultures 

 Cultures were decellularized based on a previously established protocol [296]. Briefly, cells were 

decellularized by washing with PBS and incubating with 0.1% Triton in 50mM NH4OH. To ensure 

complete cellular removal, cultures were gently washed with PBS and examined via light microscopy. 

8.2.3 Quantitative real time RT-PCR 

Quantitative real time RT-PCR was performed as described previously [297]. Briefly, total RNA 

was isolated from cells using TRIzol (Invitrogen) according to manufacturer’s instructions. Total RNA was 

quantified using an ultraviolet spectrophotometer and validated for having no DNA contamination. RNA 

(1µg/sample) was transcribed using reverse transcriptase M-MLV and oligo(dT) primers (both from 

Promega Co., Madison, WI, USA) according to the manufacturer’s instructions. We used TaqMan 

Universal PCR MasterMix and Gene Expression Assay (Applied Biosystems, Foster City, CA, USA) 

according to manufacturer’s instructions for genes mentioned in the text in addition to β-ACTIN and 

HPRT1. The TaqMan PCR step was performed with a StepOne Real-Time PCR system (Applied 

Biosystems) according to manufacturer’s instructions. The relative expressions of these genes were 

normalized to HPRT1 or β-ACTIN amount in the same cDNA by using the manufacturer’s standard curve 

method. For each primer set, the comparative computerized tomography method was used to calculate the 

amplification differences between different samples. The values for experiments were averaged and 

graphed with standard deviations. 
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8.2.4 Flow cytometry 

 Flow cytometry was performed as described previously [217, 297]. Briefly, 250,000 live cells in 

100µl 0.1% bovine serum albumin (BSA; Sigma) in PBS were incubated with conjugated antibodies 

VEcad-PE, CD31-PE, KDR-PE, CD146-PE, or PDGFR-PE (all from BD). Cells were washed twice with 

0.1% BSA, and strained through a 0.22µm filter to eliminate cell clumps. User guide instructions were 

followed to complete the flow cytometry analysis on a BD FACSCalibur flow cytometer. Forward-side 

scatter plots were used to exclude dead cells. All analyses were done using IgG-PE (BD) isotype control. 

Quantification was performed using Cyflogic v. 1.2.1 to calculate geometric means and %CV of 

fluorescent peaks.  

8.2.5 Immunofluorescent microscopy 

 After 1, 4, or 7 days, cultures were prepared for immunofluorescence microscopy as described 

previously [217, 297-298]. Briefly, cells were fixed using 3.7% paraformaldehyde, incubated in 1% BSA, 

followed by 0.1% Triton-X, and stained with mouse anti-human Collagen I (1:100, Abcam, Cambridge, 

MA, USA), mouse anti-human Collagen IV (1:100, Santa Cruz Biotechnology, Santa Cruz, CA, USA), 

rabbit anti-human Fibronectin (1:100, Sigma), rabbit anti-human laminin (1:100, Abcam) for 90 minutes 

minimum. The cells were washed with PBS three times, and incubated with the appropriate fluorophore – 

anti-mouse FITC (1:50; Sigma), anti-rabbit Alexa Fluor 488 (1:1000; Invitrogen) or anti-rabbit Alexa Fluor 

647 (1:250; Invitrogen) – as well as Phalloidin-546 (1:100, Invitrogen) for 1 hour. Cells were washed, 

counterstained with DAPI to visualize cell nuclei, and imaged using an Olympus BX60 microscope.  

8.2.6 Western blot 

Western blot was performed as described previously [296]. Cell lysates were prepared in a Tris-Triton-x 

buffer (1% Triton-X, 150mM NaCl, 50mM Tris pH 7.5) with 1x protease inhibitor cocktail (Thermo 

Scientific, Waltham, MA, USA) and total protein was quantified via a DC protein assay (BioRad, Hercules, 

CA, USA). 10ug of protein was loaded per well into a 4-20% SDS PAGE gel (BioRad). Proteins were 

transferred to nitrocellulose membranes, blocked for 1 hour in 3% non-fat milk, and incubated overnight at 

40C and constant shaking with primary antibodies: rabbit anti-human collagen IV, mouse anti-human 

fibronectin, and rabbit anti-human laminin (all from Abcam). Membranes were washed, incubated with 
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either anti-rabbit HRP (1:1000) or anti-mouse HRP (1:3000, both from Cell Signaling Technology, 

Danvers, MA, USA), washed again, and developed using enhanced chemiluminescence (Thermo). 

Membranes were visualized using the ChemiDoc
TM 

XRS+ System (Biorad). Images were acquired using 

Biorad Quantity OneTM software. Western blots were quantified using Image JTM (National Institutes of 

Health, Bethesda, MD, USA) and data are presented as relative density normalized to GAPDH. 

8.2.7 Hypoxia 

 Hypoxia experiments were conducted as previously described [249]. Briefly, cells were cultured in 

a hermetically sealed, humidified modular incubator chamber (Billups-Rothenberg, Del Mar, CA, USA) 

which was flushed with an appropriate gas mixture (a 1% O2-5% CO2-N2 balance or 5% O2-5% CO2-N2 

balance) three times every 30 minutes at the beginning of each experiment. A plastic Petri dish containing 

10ml of sterile water on the chamber bottom maintained humidity during experiments. Cells were cultured 

in excess media (to prevent media depletion) and allowed to attach in atmospheric O2 for 4-6 hours. Percent 

area covered by ECM was evaluated from ten non-overlapping images (20X) using Image JTM.  The images 

were thresholded to eliminate background. ECM coverage was assessed using the measurements function 

tool.  

8.2.8 siRNA transfection 

Cells were transfected with siGENOME SMARTpool human HIF1α and HIF2α (Dharmacon, 

Lafayette, CO, USA), using the manufacturer's protocol as we previously described [250, 269]. Cells were 

seeded on a 24-well plate and treated with 50nM siRNA. mRNA analysis was performed after 24h. 

Confirmed transfected cells were used for experiments after 48h. 

8.2.9 Statistical analysis 

 Flow cytometry and RT-PCR of the three cell types, immunofluorescence of cellular and 

decellular samples, and inhibition studies were all performed on at least n=3 with duplicates. Western 

blotting was performed on n=2. ANOVA tests were performed with a Bonferroni or Dunnett post test 

where appropriate (GraphPad Prism 4.02, La Jolla, CA, USA). Significance levels were set at: *p<0.05, 

**p<0.01, and ***p<0.001. All graphical data were reported. 
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8.3 Results  

8.3.1 Evaluating ECFCs, HUAECs, and HUVECs 

ECFCs, HUAECs, and HUVECs are commonly studied in vascular engineering and regenerative 

medicine applications [168, 299-301]. Thus, understanding inherent differences between these cell types 

can yield important advancements in vascular regenerative medicine. To evaluate these differences, we 

examined general EC marker expression as well as specific lineage marker expression. 

We first sought to characterize inherent differences between the cells with respect to EC marker 

expression. We found that HUAECs and HUVECs express CD31 and vascular endothelial cadherin 

(VEcad) at similar mRNA levels, which are greater than those of ECFCs (~3 fold greater expression of 

VECAD and ~1.5 greater expression of CD31; Fig. 7-1Ai). Expression of kinase domain receptor (KDR) is 

similar between all three cell types. Flow cytometry analysis revealed further differences at the protein 

level (Fig. 7-1Aii). The normalized mean fluorescence intensities of VEcad, CD31, and CD146 in 

HUAECs and HUVECs were greater than those for ECFCs (Fig. 7-1Aiii). All cells were negative for the 

smooth muscle cell marker, platelet derived growth factor receptor β (PDGFRβ). The coefficient of 

variation (%CV), which represents the width of the fluorescent peak, was noticeably larger for CD31, 

KDR, and CD146 in ECFCs, suggesting that there is a wide distribution of expression of these proteins on 

the progenitor EC population.  

As expected, mRNA of arterial markers ephrinB2 and Nrp1 are expressed in greater amounts in 

HUAECs (Fig. 7-1B) and venous markers EphB4 and Nrp2 are expressed in greater amounts in HUVECs 

(Fig. 7-1C). These data correlate with numerous previous findings confirming the expression of these 

markers restricted to each particular lineage [302-304]; however, we did not see statistically significant 

differences between these markers in the tested cell types except for ephrinB2.  
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Figure 8-1 Comparison of ECFCs, HUAECs, and HUVECs.  

 (A) i. Quantitative RT-PCR and ii. flow cytometry analysis of EC markers (gray is isotype control). iii. Mean 

fluorescent intensity of EC marker expression normalized to isotype control. Graphed values represent mean 

fluorescent intensity ± % coefficient of variation (CV). Quantitative RT-PCR analysis of (B) arterial markers and (C) 

venous markers. Reproduced from [247]. 

 

8.3.2 ECM composition and protein expression patterns 

To elucidate whether the tested cell types possessed different ECM characteristics with respect to 

quantity and composition, we examined the expression of matrix proteins collagen I, collagen IV, 

fibronectin, and laminin. Samples were analyzed via immunofluorescence microscopy after 1, 4, and 7 

days.  

After 1 day, ECFCs produced fibrous collagen IV, which was primarily confined within the cells 

(Fig. 7-2A), but no collagen I was detected. The majority of fibronectin appeared within the cells’ 

cytoplasm, yet trace amounts were clearly visible as deposited matrix outside the cells. Laminin was 

expressed intracellularly in high amounts in particular cells but this expression pattern was not 

homogeneous within the cultures. Similar to ECFCs, HUAECs and HUVECs did not produce collagen I 
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after 1 day. HUAECs and HUVECs produced scant amounts of fibrous collagen IV which was primarily 

observed extracellularly. Fibronectin was clearly visible within the cells as well as in trace amounts 

extracellularly in both HUAEC and HUVEC cultures. After 4 days, ECM protein characteristics of cultures 

were markedly distinct from one another (Fig. 7-2B). Collagen I remained undetected in all cultures; 

furthermore, cells cultured on gelatin did not deposit collagen I (data not shown). However, both collagen 

IV and fibronectin expression not only increased strikingly in ECFC cultures, but also assembled into an 

organized web-like deposition. Laminin expression greatly increased and appeared to form a network-like 

pattern between cells. Unlike fibronectin and collagen IV, some laminin was still visible within cells. 

HUAEC and HUVEC cultures had an increased expression of fibronectin and laminin; however, the 

majority of both matrix proteins were restricted to intracellular regions. Few cells within HUAEC cultures 

produced fibrous fibronectin, which appeared outside the cells in small sections throughout the confluent 

cell layer. The intricate expression patterns of fibronectin, collagen IV, and laminin in ECFC cultures 

continued to be observed after 7 days in culture (data not shown). We further examined whether ECM 

deposition can be attributed to culture conditions including serum concentrations and cell growth rates and 

densities. We observed an increase in the intracellular expression of fibronectin by mature ECs grown in 

high serum (20%) concentrations or when plated at higher densities, while no change in the deposition of 

fibronectin was observed (Fig. S7-1A,B). The intracellular fibronectin increase is likely due to additional 

fibronectin and TGFβ in the serum and increased cell-cell contacts [305]. Changes in collagen IV 

expression and deposition were insignificant in both cases (Fig. S7-1A,B). We also found that the cell 

growth is comparable among the three cells types (Fig. S7-1C). Collectively, ECFCs seem to produce and 

deposit ECM proteins in noticeably different patterns compared to mature ECs. Western blot analysis 

demonstrated that collagen IV, laminin and fibronectin were visible in ECFCs and HUAECs but less 

pronounced in HUVECs. We speculate that much of the ECM proteins from HUAECs observed via the 

blotting assay reflects the intracellular protein expression seen in the corresponding HUAEC 

immunofluorescence images (Fig. S7-1D). 
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Figure 8-2 Expression of ECM proteins.  

ECM protein expression after (A) 1 day and (B) 4 days. ECM proteins, F-actin (phalloidin, Ph), and nuclei (dapi) are in 

green, red, and blue respectively. The high-magnification insert shows the boxed area. Scale bar is 50 μm. Reproduced 

from [247]. 

 

In order to confirm extracellular deposition and assembly of ECM proteins, cultures of ECFCs, 

HUAECs, and HUVECs were decellularized after 4 days of culture. Immunofluorescent images of 
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decellularized cultures confirmed our aforementioned findings (Fig. 7-3). An intricate network of 

fibronectin and collagen IV was seen in decellularized ECFC cultures (Fig. 7-3A, B), but not in HUAECs 

or HUVECs. Few instances of fibronectin expression were detected in decellularized HUAEC cultures 

(Fig. S7-1E); however this was not observed in HUVEC cultures (not shown).  

 
Figure 8-3  Decellularized ECFC matrices. 

(A) Collagen IV and (B) fibronectin production by ECFCs after 4 days. Red outline delineates magnified right panel. 

Scale bar = 100 μm in A, B (left panels) and 500 μm in A, B (right panels). (C, D) Confocal microscopy images of 

fibronectin (green) and collagen IV (red) matrix produced by ECFCs after 4 days. White arrows indicate an area in the 

ECM made up of only fibronectin. Reproduced from [247]. 
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8.3.3 Spatial organization of ECFC-derived ECM 

We sought to further interrogate the ECM produced by ECFCs by examining the spatial 

relationship between collagen IV and fibronectin on decellularized cultures after 4 days. Previous work 

examining the relationship between deposited fibronectin and other ECM proteins by fibroblasts revealed 

that fibronectin is a signal initiator of matrix production [154]. Four-day cultures of ECFCs were examined 

for overlap of fibronectin with collagen IV proteins. Because both matrix proteins appeared in an intricate 

network-like fashion, we speculated that fibronectin may precede and dictate collagen IV alignment. Three-

dimensional projections acquired from confocal microscopy revealed that fibronectin deposition preceded 

collagen IV deposition, evidenced by areas of ECM that were only occupied by fibronectin (Fig. 7-3C,D, 

white arrows). Collagen IV was only visible on top of deposited fibronectin.  

  
Figure 8-4 TGFβ and cytoskeleton effects in ECFC-derived ECM. 

Effect of (A) TGFβ inhibition and (B) Rho kinase inhibition on ECM production by ECFCs. Scale bar = 100 μm. 

Reproduced from [247]. 
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8.3.4 Chemical mediators of ECM production 

ECM deposition is typically regulated via integrin attachments to the cell’s cytoskeleton and is 

greatly increased in response to TGFβ signaling. We hypothesized that ECM deposition by our ECFC 

cultures is mediated by TGFβ signaling and cytoskeletal formations. When a TGFβ inhibitor, SB431542, 

was added to ECFC cultures for 4 days, we found that the network formation of collagen IV and fibronectin 

previously observed was completely abrogated (Fig. 7-4A). Both fibronectin and collagen IV were still 

deposited by ECFCs, however the intricate network formation observed in control conditions was not 

observed. 

When the cytoskeletons of ECFCs were disrupted via a specific Rho-associated kinase inhibitor, 

Y-27632, phalloidin staining revealed that the cytoskeleton structure was lost (Fig. 7-4B). Fibronectin 

expression was visibly reduced and appeared to be intracellular. Collagen IV was still deposited, however 

without any distinct fibrous organization. These studies indicate that ECFC-derived ECM production and 

deposition is regulated by TGFβ signaling and cytoskeletal formations. 

8.3.5 Regulation of ECM production by low oxygen tensions 

ECM production under 1% O2 oxygen tension  

With the prominence of hypoxia in cancerous, ischemic and injured tissues, we next examined if 

ECM deposition is affected by low oxygen (i.e. 1% and 5%) environments. Exposure to hypoxic conditions 

(1% O2) did not alter the deposition of ECM proteins by ECFCs, which already produced abundant ECM 

under normoxic conditions. Remarkably, mature ECs deposited collagen IV, fibronectin, and laminin when 

exposed to 1% O2 for four days (Fig. 7-5A), reminiscent of the ECM produced by ECFCs under 

atmospheric condition. We observed that this dramatic change in ECM production was largely with respect 

to deposition of a fibrous mesh. Investigation into cell growth kinetics revealed that hypoxic conditions 

yielded an increased proliferation of mature ECs but not of ECFCs (Fig. S7-1C). In order to assess ECM 

production as well as its heterogeneity, we quantified the percent area occupied by each ECM protein under 

the various oxygen tensions (Fig. 7-5C).  

In HUAEC cultures, collagen IV and fibronectin appeared mesh-like and the deposited matrix had 

extensive coverage. Little fibronectin was observed within the cells. HUVEC cultures also increased 

deposited collagen IV and fibronectin under 1% O2; however, fibronectin was visible both within the cells 
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as well as deposited matrix. Laminin appeared as a fibrous mesh in both HUAEC and HUVEC cultures and 

was much more pronounced in its deposition compared to normoxic conditions. Western blot confirmed 

that ECM production was increased under 1% O2 conditions (Fig. S7-2A). Collagen I was not detected in 

any of the cultures. 

 
Figure 8-5 Regulation of ECM production by oxygen tension.  

Effect of (A) 1% O2 and (B) 5% O2 on ECM protein expression from ECFCs, HUAECs, and HUVECs. Ph: phalloidin. 

Scale bar is 100 μm. (C) Quantification of percent area coverage of ECM deposition from tested conditions. 

Reproduced from [247]. 
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ECM production under 5% O2 oxygen tension 

Under more physiological conditions (5% O2), ECFCs produced and deposited ECM proteins in 

similar amounts as compared to normoxic conditions (Fig. 7-5B, C). Mature ECs increased ECM protein 

production and deposition as well as cell proliferation under 5% O2 as compared to normoxic conditions 

(Fig. S7-2A, S7-1C). Collagen IV was increased in mature EC cultures compared to normoxic conditions, 

but appeared similar to that observed under 1% O2 conditions. While fibronectin appeared as a fibrous 

mesh under 1% O2 conditions, it was more assembled into a web-like and sprawling organization under 5% 

conditions; 5% O2-induced fibronectin expression was still greater than deposited fibronectin under 

normoxic conditions. Laminin production took the form of a fibrous mesh in both HUAEC and HUVEC 

cultures, similar to that observed under 1% O2 conditions. Quantitative comparison of the percent area 

occupied by these ECM proteins reveals that collagen IV, laminin, and fibronectin production progressively 

increased with decreasing oxygen tension in mature ECs (Fig. 7-5C). Production of these three ECM 

proteins by ECFCs did not vary significantly between different oxygen tensions. 

Perhaps the most striking ECM response to 5% O2 was the cells’ ability to produce collagen I, 

which was not observed at either normoxic or 1% O2 conditions. In all three tested cell types, collagen I 

was observed under 5% O2 and took on a fibrous organization, though scant and heterogeneous in its 

distribution. Quantitative comparison of the percent area occupied by collagen I revealed that collagen I 

production was not homogenous throughout individual samples (Fig. 7-5C), as collagen I expression was 

pronounced in some areas of the samples but scant in others. This heterogeneous expression is reflected in 

the large standard deviation in the percent area occupied by 5% O2-induced collagen I expression in all cell 

types.  

Collectively, these data implicate that ECM production, deposition and assembly by ECFCs, 

HUAECs and HUVECs is regulated by oxygen tension. We do not attribute the increased ECM deposition 

to increased cell densities alone based on the results of the aforementioned studies, which revealed that 

higher density mature EC cultures did not increase ECM protein deposition or assembly. 
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Figure 8-6 HIF pathways in 1% O2 conditions. 

Collagen IV and fibronectin expression under 1% O2 conditions in ECs transfected with siRNA of luciferase, HIF1α, or 

HIF2α. Scale bar is 100 μm. Reproduced from [247]. 

 

HIF pathways in ECM production 

To elucidate the underlying mechanisms regulating ECM deposition in response to low oxygen 

tensions, we studied the roles of HIF1α and HIF2α. We focused on expression of collagens and fibronectin 

due to their distinct web-like organization under low oxygen tensions.  Utilizing siRNA (Fig. S7-3), we 

observed that HIF1α primarily influenced collagen IV and fibronectin deposition by mature ECs under 1% 

O2 conditions (Fig. 7-6). HUAECs and HUVECs treated with siRNA for HIF1α exhibited a drastic 

decrease in collagen IV production. HIF2α-knockdown cells produced some collagen IV, though not to the 



109 

 

diminutive levels seen in HIF1α-knockdown cells. Fibronectin production followed the trends of collagen 

IV production; fibronectin production was most greatly reduced in HIF1α-knockdown cells.  

 
Figure 8-7 HIF pathways in 5% O2 conditions. 

Collagen IV and fibronectin expression under 5% O2 conditions in ECs transfected with siRNA of luciferase, HIF1α, or 

HIF2α. Scale bar is 100 μm. Reproduced from [247]. 

 

Under 5% O2 conditions, we observed opposite trends between HUAECs and HUVECs. HIF1α-

knockdown HUAECs did not produce collagen IV, whereas HIF2α-knockdown HUVECs did not produce 

collagen IV (Fig. 7-7). In both cell types, fibronectin production followed the trend of collagen IV 

production. As previously discussed, collagen I was only produced and deposited under 5% O2 conditions. 



110 

 

When all three cell types were cultured under 5% O2 conditions, HIF2α-knockdown cells lost the ability to 

deposit collagen I (Fig. 7-8). HIF1α-knockdown cells retained a diminished capacity to produce collagen I 

under these conditions. 

 
Figure 8-8 HIF pathways in collagen I production under 5% O2 conditions.  

Collagen I expression under 5% O2 conditions in cells transfected with siRNA of luciferase, HIF1α, or HIF2α. Scale 

bar is 100 μm. Reproduced from [247]. 

 

8.4 Discussion 

 Engineering blood vessel substitutes remains an imposing challenge in vascular tissue engineering 

[22, 269]. Because ECM production is critical to preserve the function and integrity of both native blood 

vessels and engineered blood vessels [306],  understanding the propensity of ECs to deposit ECM could 

greatly advance this work.  

We sought to uncover the endothelial contribution to blood vessel ECM. We tested our hypothesis 

that ECM production is dependent on the maturation stage of the cells by studying mature ECs (i.e. 

HUAECs and HUVECs) and progenitor ECs (i.e. ECFCs). When we examined whether inherent 

differences existed in the EC marker expression, we found that HUAECs and HUVECs express higher 

levels of CD31, VEcad, and CD146 compared to ECFCs, which is indicative of their maturation state as 

these markers are typically associated with a more mature endothelial phenotype. KDR, which is expressed 

widely among EC types, especially early ECs [307], was found to be expressed at similar levels between all 
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cell types. EphrinB2 and Nrp1 are widely regarded as arterial markers [302-304]; accordingly, HUAECs 

exhibited greater expression of these markers compared to HUVECs and ECFCs. EphB4 and Nrp2 are 

characterized as venous markers; as such, our findings confirmed that these are expressed more greatly in 

HUVECs compared to HUAECs and ECFCs. 

 When ECM protein expression and deposition were examined, we observed striking differences 

between progenitor ECs and mature ECs. Ours is the first study to correlate ECM deposition and assembly 

with EC maturation stage. Although collagen I was not observed throughout our normoxic studies, collagen 

IV, fibronectin, and laminin were abundantly expressed as deposited matrix in ECFCs.  

Laminin is known to be a primary component of the endothelial basement membrane and 

maintains the integrity of the endothelium [144]. It has been credited as the main biologically active 

component of the vascular basement membrane. In our studies, laminin was observed as deposited matrix 

in ECFC cultures under normoxic conditions, suggesting that progenitor ECs contribute to the laminin 

composition of the basement membrane. Moreover, it has been shown that laminin-modified vascular grafts 

enhance endothelialization after transplantation [308]; thus the use of autologous progenitor ECs could 

confer similar benefits owing to their ability to deposit laminin. Also prominent in the vascular basement 

membrane, collagen IV is known for its role in stabilizing the basement membrane, especially under 

conditions of mechanical stress [144, 309]. Previous studies have cited the ability of microvascular 

pericytes to produce collagen IV, in addition to laminin, in the vascular ECM [289]. Our studies suggest 

that ECFCs are able to contribute to collagen IV in the endothelial basement membrane, thereby 

contributing to basement membrane stabilization. Collagen IV is not required for the initial assembly of 

ECM components [154] and spatial organization analysis of the ECFC-derived ECM revealed that in fact, 

collagen IV follows fibronectin deposition.  

Though collagen I has been implicated in blood vessel ECM, we could not detect this ECM 

protein in our normoxic studies. One possibility for this finding is that collagen I has been observed to be 

produced by ECs undergoing angiogenesis [310], which was not provoked by our normoxic conditions. 

Another possibility is that vascular collagen I may primarily be produced by vascular SMCs and fibroblasts 

[291-292]. Another study suggested that vascular ECs from the bovine aortic arch produce collagen I only 

in the absence of fibroblast growth factor [311]. Overall, these studies suggest that collagen I production 
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may require alternate culture conditions such as additional cell types, different growth factors, or, as our 

hypoxia studies demonstrated, a lower oxygen tension.  

We note that our findings center on the deposition and structural organization of ECM proteins as 

they relate to vascular tissue engineering. As such, our primary means of analysis was immunofluorescence 

as it is the most reliable method to document, quantify, and distinguish extracellular versus intracellular 

observations. This approach has been widely utilized in the analysis of ECM deposition [305, 312-313]. 

We found that ECM production by ECFCs could be altered via biomolecular mediators. TGFβ is a 

known potent regulator of ECM deposition in a variety of cell types [274]; for example, vascular SMCs 

significantly increase ECM production when cultured on tethered TGFβ [314]. In our ECFC cultures, 

inhibition of TGFβ signaling markedly reduced collagen IV and fibronectin organization, though both 

ECM proteins were still produced.  

The cytoskeleton of cells is linked to the ECM through integrin adhesion receptors [315]. 

Disruption of the actin cytoskeleton architecture via Rho kinase inhibition yielded only unorganized 

fibronectin and collagen IV, though small amounts of these proteins were still deposited. Previous literature 

confirms that Rho kinase signaling mediates fibronectin assembly from fibroblasts [316] and matrix 

production from vascular smooth muscle cells [317]. Concordant with these findings, our studies reveal 

that Rho kinase signaling is also critical for ECM production, deposition, and organization of fibronectin 

and collagen IV in ECFCs. 

 Hypoxia is among many factors that drives angiogenesis and has been studied for its ability to 

amplify ECM production [275]. By regulating blood vessel growth in ischemic, injured, or cancerous 

tissue, hypoxia-driven angiogenesis is vital for ECM formation in tissue repair [136]. We found that when 

mature ECs were exposed to 1% or 5% O2, their production and deposition of ECM proteins collagen IV, 

fibronectin, and laminin were dramatically increased compared to normoxic conditions. Though hypoxic 

conditions increased cell growth of mature ECs, increased ECM deposition was not affected by increased 

cell densities alone.  Interestingly, although we could not detect any change in the deposition of other ECM 

proteins from ECFCs cultured under various oxygen conditions, fibrous collagen I was found to be 

produced when ECFCs were exposed 5% O2. Collagen I was also deposited by HUAECs and HUVECs 

only under 5% O2. As previously discussed, ECs have been found to produce collagen I when stimulated to 
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undergo angiogenesis [310]; analogously, we speculate that our low oxygen conditions triggered an 

angiogenic response, thereby eliciting collagen I production.   

 
Figure 8-9 HIF regulation of ECM. 

Schematic depicting HIF pathways in ECFCs and mature ECs that regulate ECM production under varying O2 tensions. 

Reproduced from [247]. 

 

 HIFs modulate cellular behavior in response to hypoxia by accumulating and localizing to the 

nucleus to mediate the angiogenic response [318]. HIF1α and HIF2α are stabilized in cells experiencing 

low O2 tensions. HIF1α stabilizes at O2 tensions less than 1%, whereas HIF2α stabilizes at slightly higher 

O2 tensions, ~1-5% [319-320]. Concordantly, HIF1α was the primary regulator of collagen IV and 

fibronectin production in both HUAECs and HUVECs cultured under 1% O2 tension (Fig. 7-9). At 5% O2, 

HUAECs and HUVECs displayed contrasting behavior; the production of collagen IV and fibronectin by 

HUAECs was mediated by HIF1α, whereas collagen IV and fibronectin production by HUVECs was 

mediated by HIF2α.  

Knockdown studies at 5% O2 also revealed that collagen I production under low oxygen tension is 

mediated by HIF2α. HIF2α knockdown cells were unable to deposit collagen I under 5% O2 while HIF1α 

knockdown cells retained a diminished capacity to produce collagen I under these conditions.  HIF2α, in 

particular, has been vastly implicated in vascular development [279-280]. Embryonic vascular ECs exhibit 

greater HIF2α mRNA expression compared to most other cell types. It has been previously determined that 

when HIF2α is deleted from ECs in a murine model, vessel integrity as well as fibronectin expression is 

compromised [279]. Our in vitro studies demonstrate a similar fibronectin dependence on HIF2α.  

 

8.5 Conclusions 

ECM production is critical to preserve the structure and integrity of engineered tissue. Here we 

have defined the parameters and pathways which govern robust ECM production, deposition and assembly 



114 

 

by ECs and reveal that progenitor ECs and mature ECs exhibit disparate behavior with respect to ECM 

deposition and assembly. Consequently, this work suggests that ECFCs should be considered for the 

engineering of blood vessels via their deposited ECM.  

This work also sheds light on the effect of hypoxia on vasculature ECM. Our studies reveal that 

when mature cells are stimulated with lower oxygen tensions, they too deposit an assembled ECM. Low 

oxygen-stimulated ECM production by mature ECs resembles normoxic ECM production by ECFCs. 

Hypoxia is prevalent in injury and tumors, implying that continued studies on deposited ECM of vascular 

cells may provide much insight into injury recovery or tumor progression. Altogether, these studies can be 

used as a platform to examine the role of vascular cell-derived ECM in development and disease. 

 

8.6 Supplementary Figures 

 
Supplementary Figure 8-1. ECM expression. 

(A) Collagen IV and fibronectin expression from mature ECs either (A) stimulated with high serum or (B) 

seeded at higher densities. ECM proteins, phalloidin, and dapi are in green, red, and blue, respectively. The 

high-magnification insert shows the boxed area. (C) XTT assay demonstrating cell growth in all three cell 

types under normoxic, 1% O2, and 5% O2 conditions. OD450 data are normalized to normoxic ECFC 
growth. (D) Western blot analysis of cultures after 4 days of ECM proteins collagen IV, laminin, and 

fibronectin. (E) Decellularized HUAEC culture examined for fibronectin deposition after 4 days. Scale bar 

is 100 μm in all images. Reproduced from [247]. 
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Supplementary Figure 8-2. Western blot analysis of ECM deposition under varying oxygen tensions.  

(A) Western blot of collagen IV and fibronectin expression from HUAECs and HUVECs under normoxic, 

1% O2, and 5% O2 conditions. (B) Quantification of Western blot normalized to GAPDH. Reproduced from 

[247]. 
 

 
Supplementary Figure 8-3. HIF siRNA. 

Quantitative RT-PCR analysis of siRNA knockdown of HIF1α or HIF2α in ECFCs, HUAECs, and 

HUVECs compared to untreated and luciferase-treated controls. Reproduced from [247]. 
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99  Characterizing human pluripotent stem 

cell-derived vascular cells for tissue engineering 

applications 
 

9.1 Introduction 

The rapidly evolving field of tissue engineering hinges upon a functional blood supply to facilitate 

integration of engineered constructs and sustain tissue growth.[321] Cell-based approaches are a promising 

route to rebuild vasculature, ensuring that numerous elements of native blood vessels are emulated.[22, 

322-323] As one of the building blocks of the cellular vascular architecture, endothelial cells (ECs) form 

the vasculature’s inner lining, which is surrounded by supporting stromal cell types such as vascular 

smooth muscle cells in large vessels or pericytes in smaller vessels.[324-325]  

In our previous study, we examined the co-differentiation of ECs and pericytes in a bicellular 

population, termed early vascular cells (EVCs), from human pluripotent stem cells (hPSCs).[121] EVCs 

were able to assemble into microvascular structures within synthetic hydrogels that could then integrate 

with host tissue upon in vivo implantation. To be used in engineered constructs and confer therapeutic 

benefit, transplanted vascular cells must exhibit several important properties. Physiologically, the 

extracellular matrix (ECM) maintains structure and support for tissues.[183, 270, 306] Likewise in 

engineered constructs, ECM production from encapsulated cells is critical for structural integrity. Of 

particular importance to the vascular ECM are collagen I, collagen IV, fibronectin, and laminin, commonly 

found in the basement membrane.[271-272] 

Second, growth factors released from derived cells help to facilitate integration of the scaffold.[326] 

Vascular endothelial growth factor (VEGF) is perhaps the most potent molecular regulator in vascular 

regeneration and has been extensively studied in vascular repair.[327] Transplanted scaffolds encapsulating 

VEGF have been demonstrated to augment blood vessel infiltration from the host (reviewed in [328]). 

Another angiogenic growth factor, angiopoietin 1 (Ang1), has been implicated in vessel maturation and 

stabilization and is commonly produced by perivascular cells.[232] Conversely, angiopoietin 2 (Ang2) is 
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demonstrated to promote endothelial sprouting – and thereby less pericyte coverage and vessel maturation 

– and is commonly produced by ECs. Production of these growth factors by transplanted cells can aid in the 

integration of host tissue with the transplanted construct. 

Third, a large number of cells must be available for transplantation; thus, cells must be able to be 

passaged and expanded in the lab to generate a sufficient number of cells. For vascular tissue engineering 

applications outside of microvascular reconstruction, such as rebuilding vessel grafts or larger vessels, 

expanded EVCs will be a less relevant population because pericytes will likely grow to occupy the majority 

of the culture;[122, 216] thus, understanding the propagation potential of derived ECs will be more broadly 

applicable to tissue engineering applications at large. Inherently, mature ECs possess a low proliferation 

capacity.[329] Vascular cells derived from hPSCs, known for their limitless self-renewal capacity and 

ability to differentiate into all cell types, can be harnessed to overcome this limitation. Additionally, it is 

important to assess whether ECs derived from hPSCs may also be expanded to generate a large cell 

population as previous studies have documented limited expansion capabilities of hPSC derivatives owing 

to cellular senescence after a certain number of population doublings.[330] 

A fourth consideration is that transplanted cells should be patient specific to prevent an immune 

reaction.[191, 331] Human induced PSCs (hiPSCs) exhibit the advantages of hPSCs and are reprogrammed 

directly from a patient’s own cells. Thus, in the current study, we focus on vascular differentiation from 

hiPSC line BC1, which was derived non-virally and fully genetically sequence, imparting translational 

importance.[118-119]  

In our previous study, we examined the derivation of EVCs from hPSCs.[121] Subsequently, we 

demonstrated the ability to obtain derived populations with different EC to pericyte ratios by allowing 

differentiation to proceed in various hypoxic, or low oxygen (~5% O2), environments.[255] Three classes 

of EVCs were derived and compared: control, primed, and continuous. Control EVCs were differentiated 

under 21% O2 (i.e. atmospheric) conditions and yielded approximately 20% vascular endothelial cadherin 

(VEcad) positive cells, which we used to denote the fraction of ECs present. Primed EVCs were 

differentiated under 5% O2 conditions for the first half of differentiation and 21% O2 conditions for the 

second half of differentiation and were composed of approximately 39% ECs. Continuous EVCs were 
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differentiated under 5% O2 conditions throughout the entire twelve day differentiation period and were 

made up of approximately 44% ECs.  

In the current study, we sought to interrogate our vascular derivatives for their potential to produce 

ECM proteins collagen I, collagen IV, fibronectin and laminin as well as angiogenic growth factors VEGF, 

Ang1, and Ang2, and to be passaged and expanded to yield clinically relevant quantities of cells. We 

anticipate that these findings will shed light on their therapeutic use and elucidate whether differences exist 

between EVCs derived from varying differentiation conditions.  

 

9.2 Materials and methods 

9.2.1 hPSC culture 

Human iPSC line, BC1,[118-119] was cultured as previously described.[121] Briefly, BC1 was 

grown on inactivated mouse embryonic feeder layers (Globalstem) in growth medium made up on 80% ES-

DMEM/F12 (Globalstem) supplemented with 20% knockout serum replacement (Invitrogen) and 10ng/ml 

basic fibroblast growth factor (Invitrogen). Cells were passaged every 4-6 days with type IV collagenase 

(Invitrogen) and media were changed daily.  

9.2.2 hiPSC differentiation 

hiPSC line BC1 was digested into a single cell suspension with ethylenediaminetetraacetic acid 

(EDTA, Promega) and seeded onto collagen IV coated dishes as described previously.[121, 255] Cells were 

cultured in a differentiation medium composed of alpha-MEM (Invitrogen), 10% FBS (Hyclone), and 0.1 

mM β-mercaptoethanol (β-ME) and cultured for six days. On day 6, differentiated cells were collected and 

re-seeded on collagen-type-IV-coated plates in endothelial cell growth media (ECGM; Promocell) 

supplemented with 2% FBS, 50ng/ml VEGF, 10µM SB43542 (Tocris), and 0.1% penicillin-streptomycin 

for another six days, at which point they were labeled EVCs. Media was changed every three days. To 

derive control EVCs, the aforementioned differentiation protocol took place under normoxic (21% O2) 

conditions. To derive primed EVCs, the differentiation occurred under 5% O2 conditions over the first six 

days and normoxic conditions over the second six days. To derive continuous EVCs, the differentiation 

took place under 5% O2 conditions for the entire 12 days, as previously described.[255] To observe ECM 
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production capacity, the differentiation media was replaced with endothelial growth medium (EGM2) 

supplemented with 10% FBS for 48 hours.[247] 

9.2.3 Immunofluorescence 

 Cells were prepared for immunofluorescence as previously described.[247] Briefly, cells were 

fixed with 3.7% formaldehyde, blocked in 1% bovine serum albumin, treated with 0.1% Triton-X (Sigma), 

incubated with the mouse anti-human collagen I (Abcam), mouse anti-human collagen IV (Santa Cruz 

Biotechnology), rabbit anti-human fibronectin (Santa Cruz Biotechnology), rabbit anti-human laminin 

(Abcam), or mouse anti-human Ki67 (Invitrogen), followed by the either anti-mouse FITC (Sigma) or anti-

rabbit Alexa Fluor 488 conjugate (Molecular Probes) and Phalloiding-546 (Invitrogen), and counterstained 

with DAPI (Roche Diagnostics) to visualize cell nuclei. Samples were imaged using an Olympus BX60 

microscope (Olympus).  

9.2.4 Real-time quantitative RT-PCR 

Two-step reverse transcription polymerase chain reaction (RT-PCR) was performed as previously 

described in accordance with Applied Biosystems manufacturer instructions.[247] Collagen I, collagen IV, 

fibronectin, laminin, VEGF, Ang1, and Ang2 primer sets (Applied Biosystems) were assessed using the 

comparative computerized tomography method (Applied Biosystems) to calculate the amplification 

differences between samples. The values for experiments were averaged and graphed with standard error of 

the mean.  

9.2.5 EC maturation and passaging  

VEcad positive cells were isolated from EVC cultures via magnetic activated cell sorting (MACS) 

as previously described.[121] Briefly, the three classes of EVCs were collected through digestion with 

MACS buffer, made up on 0.5M EDTA and 1% BSA in PBS), incubated with 10 µl anti-human, PE-

conjugated VEcad (BD) in MACS buffer on ice, followed by 20 µl anti-PE microbeads (Miltenyi Biotec) in 

80 µl MACS buffer, and washed twice. Re-suspended cells were separated based on VEcad expression 

using a MS MACS separation column (Miltenyi Biotec). VEcad enrichment was confirmed by flow 

cytometry. Sorted cells were cultured on collagen type IV coated dishes in ECGM supplemented with 50 

ng/ml VEGF, 10 µM SB431542, and 0.1% penicillin-streptomycin. Media were changed every other day. 
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For passaging, cells were grown to confluence (approximately 6-7 days), washed with PBS, digested with 

TrpLE (Invitrogen), collected, and re-cultured at 15,000 cells/cm2. To quantify fold expansion, we divided 

the total number of cells by the number of cells initially seeded at each passage. 

9.2.6 Flow cytometry 

Flow cytometry was performed as previously described.[247] Briefly, cells were incubated with 

PE-VEcad or PE-IgG. Forward-side scatter plots were used to exclude dead cells. User guide instructions 

were followed to complete the flow cytometry analysis via Cyflogic v1.2. 

9.2.7 Proliferation quantification 

Cell proliferation was quantified as previously described.[332] Briefly, at least ten different fields 

of view were imaged at 20x for each triplicate sample. The ratio of Ki67 positive cells to total number of 

cells was quantified to obtain the percentage of replicating cells.  

9.2.8 Arteriovenous fate determination 

To assess fate specification, RT-PCR analysis was performed derived control, primed, and 

continuous ECs. All data were normalized to expression by ECFCs. The ratio of ephrinB2 to EphB4 and 

Nrp1 to Nrp2 was calculated. The natural log of the ratio was taken and graphed versus cell type.  

9.2.9 Graphs and statistics 

All analyses were performed in triplicate samples for n=3 at least. Real-time RT-PCR were also 

performed on triplicate samples (n=3) with triplicate readings. One Way ANOVA with Bonferroni post-hoc 

test were performed to determine significance (GraphPad Prism 4.02). 

 

9.3 Results  

9.3.1 ECM production from EVCs 

When we evaluated their abilities to produce ECM proteins collagen I, collagen IV, fibronectin, and 

laminin, we could observe production of all tested proteins except for collagen I in all three types of EVCs 

(Fig. 8-1A). Collagen IV production was sparse and appeared in fibrous strands throughout the cultures, 

but was most pronounced from primed and continuous EVCs. Fibronectin was more abundant and took on 
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a mesh-like pattern. Laminin was also observed to be produced by all three classes of EVCs but was 

primarily diffuse and appeared perinuclearly. To quantify differences in ECM production, we performed 

quantitative real time RT-PCR on EVCs normalized to hiPSC BC1 (i.e. day 0) (Fig. 8-1B). We observed 

that continuous EVCs exhibited the greatest expression of collagen I mRNA, although we could not detect 

this expression via immunofluorescence. Primed and continuous EVCs exhibited greater expression of 

collagen IV, as confirmed via immunofluorescence. Fibronectin expression was also greater in both primed 

and continuous EVCs compared to hiPSCs. Laminin expression was similar between control, primed, and 

continuous EVCs, but significantly greater than hiPSCs.  

 
Figure 9-1 ECM production by EVCs 

Comparison of control, primed, and continuous EVCs for (A) collagen I, collagen IV, fibronectin, and laminin. ECM 

protein in green, phalloidin in red, and dapi in blue. Scale bar is 100 µm. (B) Quantification of ECM production via 

quantitative real time RT-PCR normalized to day 0. *p<0.05, **p<0.01, and ***p<0.001 compared to d0. 

 

9.3.2 Growth factor production by EVCs 

An important tissue engineering consideration is the production of growth factors to recruit cells 

to the implanted construct in order to facilitate tissue integration. We evaluated our vascular derivatives for 

the production of angiogenic growth factors VEGF, Ang1, and Ang2 (Fig. 8-2). We found that VEGF 

expression was increased in continuous EVCs compared to primed EVCs, which exhibited more VEGF 

expression than control EVCs. We suspect this difference may be due to the nature in which the cells were 
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differentiated, as many previous studies identify VEGF as a downstream product of hypoxic 

environments.[259] Ang1 expression was greatest in control EVCs compared to primed or continuous 

EVCs. Conversely, Ang2 followed an opposite trend; expression was greatest in continuous EVCs, 

followed by primed EVCs, then control EVCs.  

 

 
Figure 9-2 Growth factor production by EVCs 

Quantitative real time RT-PCR analysis of VEGF, Ang1, and Ang2 production by EVCs. *p<0.05, **p<0.01, and 

***p<0.001. 

9.3.3 Expansion of isolated ECs 

Few previous studies have examined whether ECs derived from hPSCs are able to be expanded 

and propagated in culture to obtain a clinically relevant quantity of ECs,[333] although this is an important 

consideration for therapeutic use. Our previous study demonstrated that under low oxygen tension, hPSCs 

preferentially differentiated toward EC fate.[255] To determine whether our derived cells could be 

passaged, we sorted and cultured VEcad positive cells (i.e. ECs) from all three classes of EVCs, labeling 

the derived ECs according to their differentiation procedure and assessing whether the derivation procedure 

influences the propagation potential of derived ECs. After each passage, cells were re-seeded at identical 

cell densities of approximately 15,000 cells/cm2. We found that after two passages, derived ECs exhibited 

similar growth rates of approximately a 3-4 fold increase over the initial cell seeding density regardless of 

EVC type (Fig. 8-3A). However, at passages three and four, we observed that control ECs exhibited a 

significantly decreased proliferation capacity compared to continuous ECs. ECs derived via the continuous 

5% O2 method consistently exhibited the greatest propagation capacity at each serial passage, followed by 

primed ECs and control ECs, although the propagation capacity gradually diminished over subsequent 

passages. To confirm proliferative potential of the EC derivates, ECs at passage 4 were stained with 
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proliferation marker, Ki67 (Fig. 8-3B). Quantification of Ki67 expression revealed the greatest 

proliferation in continuous ECs, followed by primed ECs, and then control ECs, corroborating our data 

obtained via serial passaging. Upon evaluation of VEcad expression during serial passaging, we detected 

that at early passages, VEcad was enriched in all derived EC populations, which exhibited greater than 90% 

positive VEcad expression (Fig. 8-3C). After four passages, however, cells appeared to lose their VEcad 

expression, dropping to levels between 30 to 70 percent VEcad positive. 

  
Figure 9-3 Expansion of isolated ECs. 

Isolated ECs were serially passaged and assessed for (A) expansion 

fold after each passage, (B) proliferation via Ki67 expression at p4 

(bottom: representative images; Ki67 in green, nuclei in blue; scale 

bar is 50 µm), (C) VEcad expression via flow cytometry after 

passage 1 (p1) and passage 4 (p4); isotype control in gray. 

 

9.3.4 Characterization of derived ECs 

We sought to examine whether isolated and 

expanded ECs differ in ECM production and arteriovenous 

fate (Fig. 8-4). As observed in EVCs, collagen I was not 

produced by any the tested ECs at passage 2. Collagen IV 

appeared to be produced in a fibrous manner in all cultures; 

interestingly, production of collagen IV by all derived ECs 

appeared to be greater than that by EVCs (from Fig. 8-1A). 

Fibronectin produced by primed and continuous ECs formed 

fibrous networks throughout the cultures, whereas 

fibronectin produced by control ECs appeared localized to 

the cells. As seen with EVCs, laminin appeared perinuclearly around the cells. We next compared ECM 

production between derived ECs at passage 1 and 4 to elucidate whether this property varies with continued 

passaging (Fig. 8-4B). We found that collagen IV expression did not change drastically over the passages; 

intriguingly, the expression levels were higher than those seen from EVCs (from Fig. 8-1B). Similarly, 

fibronectin expression did not vary between passages (Fig. 8-4B), but exhibited much higher expression 

levels compared to EVCs (from Fig. 8-1B). Laminin was the only protein detected to decrease over serial 
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passages; however this difference was not significant. Laminin expression levels were comparable to those 

seem from EVCs in Fig. 8-1B. 

To further characterize our EC derivatives, we assessed arteriovenous marker expression at 

passage 2 (Fig. 8-4C). As we previously described,[255] we assessed our derivatives for the expression of 

arterial markers, ephrinB2 and Nrp1, and venous markers, EphB4 and Nrp2. We took the natural log of the 

ratio of ephrinB2 to EphB4 and Nrp1 to Nrp2, yielding positive values for cells exhibiting an arterial 

phenotype and negative values for cells exhibiting venous phenotype. Isolated primed or continuous ECs 

more closely resembled an arterial fate, whereas control ECs did not demonstrate a clear fate specification.  

 

 
 

Figure 9-4 ECM production from and arteriovenous fate of derived ECs. 

Comparison of control, primed, and continuous ECs for A) collagen I, collagen IV, fibronectin, and laminin at passage 

2 (ECM protein in green, phalloidin in red, and dapi in blue; scale bar is 100 µm; insert is high magnification image of 

boxed region), (B) quantification of ECM production at passages 1 and 4 by quantitative real time RT-PCR normalized 

to d0 hiPSCs, and (C) arteriovenous fate at passage 2, with positive values corresponding to an arterial phenotype and 

negative values corresponding to a venous phenotype. 

 

 

9.4 Discussion 

In this study, we uncover important tissue engineering properties of our hiPSC vascular derivatives, 

namely ECM and growth factor production, and propagation potential. Vascular derivatives, including both 

EVCs and derived ECs, obtained under low oxygen differentiation conditions demonstrated a greater 

propensity to produce ECM proteins collagen IV, fibronectin, and laminin. In our previous studies, we also 

document a correlation between hypoxic conditions and ECM production;[247, 334] hypoxic exposure 

promoted ECM deposition from mature ECs and yielded a more fibrous ECM ultrastructure from co-
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cultures of fibroblasts and breast cancer cells. In both our previous studies and current study, we could not 

observe collagen I deposition from any types of ECs tested in atmospheric conditions; however, 5% O2 

conditions stimulated collagen I production by ECs harvested from human umbilical vein or artery.[247] 

Collagen IV and fibronectin production by the three classes of EVCs was markedly less than that by 

derived ECs. In our previous study, we compared ECM production by mature ECs (human umbilical vein 

and arterial ECs) and an adult stem cell population, endothelial colony forming cells (ECFCs) and found 

that only ECFCs were able to deposit ECM proteins collagen IV, fibronectin, and laminin; production by 

mature ECs was sparse.[247] Comparing these results to our current work, we note that our isolated and 

derived ECs are able to produce copious amounts of these ECM proteins and to a greater extent than the 

mature ECs in our previous study. ECFCs had appeared to re-organize their ECM into a web-like network; 

whereas, in our current work, all instances of collagen IV and fibronectin appeared as a fibrous mesh 

network without evidence of organization. These observations impart another advantage to using ECs 

derived and isolated from hPSCs over mature ECs.  

Our studies also demonstrate that control EVCs harbor a greater propensity to produce Ang1 

whereas primed and continuous EVCs tend toward Ang2 production. These results are in agreement with 

numerous previous studies connecting Ang1 production to pericytes and Ang2 production by ECs.[232] In 

our EVC populations, ECs make up approximately 20%, 39%, and 44% of the population in control, 

primed, and continuous EVCs, respectively. The remainder of the population is primarily composed of 

derived pericytes; thus, it is not surprising that control EVCs, which are composed of more pericytes than 

the other two populations, demonstrated the greatest expression of Ang1. Correspondingly, the populations 

made up of more ECs demonstrated greater Ang2 expression.  

Intriguingly, VEGF production is typically associated with pericytes; yet, our populations made up 

of larger fractions of ECs (i.e. primed and continuous EVCs) exhibited greater VEGF production. We 

suspect this may be due to the fact that hypoxia acts upstream of VEGF activity and thus influences 

production in our derivatives.[259] Increased VEGF production is indeed an advantage to use these EVC 

populations as, when transplanted, this property can help recruit host vasculature and tissue. 

Propagation of isolated ECs is useful for rebuilding larger, more complex, vascular structures. Upon 

serial passaging of our derived ECs, we found that ECs derived under hypoxic conditions exhibited the 
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greatest fold expansion. Even after four passages, continuous ECs could grow three fold. We hypothesize 

that this differential potential may be due to the hypoxic nature of the differentiation conditions; indeed, 

previous studies have demonstrated increased proliferation under hypoxia during angiogenesis.[335] Here, 

we extend that notion to encompass cells even previously treated with hypoxia retain a slight increased 

proliferation potential. However, upon assessment of EC potential after serial passages, we observed that 

sorted and matured ECs lost some VEcad expression by passage 4, warranting future work examining 

means to retain endothelial potential over numerous passages via media or culture optimization. These 

findings are in agreement with a previous study, which also demonstrated loss of vascular EC marker 

expression from mature ECs and their subsequent transdifferentiation toward lymphatic ECs in vitro.[336] 

Indeed previous studies report that PSC-derived ECs lose their endothelial potential over serial passaging, 

perhaps owing to the fact that these derivatives may still exhibit some plasticity.[337] These discrepancies 

highlight a major challenge in the field of vascular tissue engineering to retain endothelial potential over 

serial passages. Future work in this area focused on specific culture conditions or leveraging certain 

signaling pathways may help to overcome this drawback. 

 

9.5 Conclusions 

Collectively, we demonstrate that our vascular derivatives hold great potential to improve tissue 

engineering strategies through ECM deposition, growth factor production, and EC propagation; further 

studies focused on lengthening the maintenance of isolated ECs in culture could yield even greater 

quantities of hiPSC ECs.  
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1100  Conclusions and future work 
 

10.1 Conclusions 

Vascular cells derived from hPSCs hold great potential for clinical use in the regeneration of 

diseased vasculature and construction of blood vessels in engineered tissue. By deriving these cells in a 

controllable and clinically relevant manner harnessing physiological cues, we can obtain populations of 

cells amenable for transplantation. The scope of this thesis work centered on the use of stem cells and 

hypoxia to rebuild vascular networks. 

In Chapter 5, we developed a robust and clinically relevant protocol to co-differentiate hPSCs to 

ECs and pericytes and harness their intrinsic capabilities to self-assemble into vascular networks in a 

synthetic hydrogel engineered with cues to induce tubulogenesis. Derived EVCs were confirmed via flow 

cytometry for the presence of a CD105+CD146+VEcad+ and CD105+CD146+VEcad- bicellular 

population. The CD105+CD146+VEcad+ population was sorted and matured toward ECs which exhibited 

appropriate localization of VEcad, CD31, and eNOS, uptake of acLDL, and upregulation of ICAM1 in 

response to TNFα. EVCs matured toward pericytes under pericyte-inducing conditions that were enriched 

in pericyte markers CD73, NG2, PDGFRβ and CD44 and depleted in EC markers VEcad and CD31. The 

spindle-shaped pericyte derivatives expressed PDGFRβ and NG2 proteoglycan and exhibited filamentous 

calponin expression as expected for pericytes derived from fetal and adult sources. Derived pericytes could 

also be induced toward adipogenic and osteogenic lineages, confirming their mesenchymal potential.  

 We then examined in vitro network formation in collagen gels. Upon encapsulation of the 

bicellular population within collagen gels, we observed robust, multicellular network formation; neither 

cell type alone was individually able to form such networks. In pursuit of translational outcomes, we 

utilized a xeno-free, synthetic, HA-based hydrogel engineered to recapitulate tubulogenesis-inducing 

signals. In vitro assessment of cellular behavior revealed the formation of multicellular networks via a 

sequential process typical of vascular morphogenesis as confirmed via light and confocal microscopy. 

When the engineered networks were subcutaneously implanted into nude mice, we observed integration 
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and anastamosis with the host circulatory system. By exploiting the inherent self-assembly capability of the 

co-culture to form bicellular functional vascular networks in a matrix engineered to facilitate tubulogenesis 

and demonstrate functional integration in vivo, we presented the next fundamental step toward patient-

specific engineered tissue with clinically translatable potential.  

In Chapter 6, we assessed the influence of low oxygen tensions on EVC differentiation. We 

accurately monitored dissolved O2 levels over the course of EVC differentiation. Under 5% O2, 

differentiating hPSCs increased expression of early vascular markers after six days compared to hPSCs 

differentiating under atmospheric conditions. After a subsequent six days in 5% O2, we observed clusters of 

ECs surrounded by pericytes. These ECs exhibited a phenotype and functionalities similar to that of mature 

ECs. We also emphasized the importance of a low oxygen differentiation environment during early time 

points to instigate EC fate with preferences to arterial specification. Moreover, we implicated that the 

generation of reactive oxygen species is critical to the accelerated maturation of ECs under low oxygen 

differentiation environments.   

These studies revealed the importance of low oxygen differentiation environments to augment 

endothelial differentiation capacity from hPSCs, yielding phenotypically mature ECs after just twelve days 

of differentiation. These studies expanded upon our current understanding of the role of oxygen levels on 

vascular growth and have the potential to improve regenerative medicine strategies. 

 Our work presented in Chapter 7 revealed that the production of ECM proteins is dependent on 

EC maturation stage and oxygen supply. We compared ECM production by ECFCs, with human arterial 

ECs and venous ECs to elucidate variations in ECM production, composition and response to physiological 

and biomolecular factors. We found that only in vitro expanded ECFCs were able to deposit ECM proteins 

collagen IV, fibronectin, and laminin. In vitro expanded mature ECs intracellularly expressed these ECM 

proteins, but deposited them when stimulated with 1% or 5% O2 conditions. Furthermore, collagen I 

production was only observed under 5% O2. We used siRNA studies to elucidate the underlying 

mechanisms regulating ECM deposition in response to these low oxygen conditions. We found that 

hypoxia inducible factors 1α and 2α pathways are responsible for the variable ECM deposition.  

This work suggests that EPCs contribute not only to the cellular inner lining of blood vessels but 

also to blood vessel structure via abundant ECM deposition and should be considered for the engineering of 
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blood vessels via their deposited ECM, which could provide autologous alternatives to traditional 

approaches. This work also sheds light on the effect of hypoxia on vasculature ECM. Under hypoxic 

conditions, mature ECs resemble EPCs with respect to collagen IV and fibronectin production. Hypoxia is 

prevalent in injury and tumors, implying that continued studies on deposited ECM of vascular cells may 

provide much insight into injury recovery or tumor progression.  

 In Chapter 8, we characterized our vascular derivatives for critical tissue engineering properties 

and found that EVCs derived under varying oxygen differentiation conditions exhibited different properties 

with respect to ECM and growth factor production and propagation potential. EVCs differentiated under 

low oxygen conditions demonstrated a greater production of collagen IV and fibronectin as well as VEGF 

and Ang2; however, EVCs differentiated under atmospheric conditions did not produce as much ECM but 

exhibited greater expression of Ang1. Isolated ECs could be propagated and exhibited even greater ECM 

production compared to their EVC correlates. This work points to hPSC vascular derivatives as a key cell 

source for vascular construction.  

 

10.2 Suggestions for future work 

This thesis work demonstrates a critical role for stem cells and hypoxia in building physiologically 

relevant blood vessels. The use of hiPSCs in particular confers the potential for patient specific tissue, an 

important advantage to our work. 

First, an imperative consideration prior to further clinical use is to investigate whether the 

differentiation protocols employed here can be used on a variety of hiPSC lines, regardless of patient 

gender, age, or health condition. Understanding this differentiation potential would help translate our 

findings to a wide variety of patients. From a vascular disease standpoint, future initiatives to investigate 

hiPSC lines derived from patients afflicted with vascular diseases could shed light on potential disease 

treatments. By subjecting these hiPSC lines to the differentiation protocols detailed here, we could 

understand whether their EVC differentiation capacity is maintained, diminished, or augmented compared 

to a healthy hiPSC line, such as BC1. These studies could further yield ECs and pericytes with the disease 

phenotype, providing a powerful tool for drug testing. 



130 

 

Another important question for future work is whether the EC to pericyte ratio in derived EVCs 

can be precisely tuned to mimic particular ratios demonstrated by different tissue. Fine-tuning this property 

could facilitate the derivation of vascular populations suitable to rebuild specific tissue types. To achieve 

this level of control, we could explore other cues in addition to hypoxia in the extracellular milieu, such as 

shear stress, alternate growth factors, or geometrically micropatterned substrates. It is my guess that 

imparting this level of control over EVC differentiation will ultimately leverage cues inherent to the 

development of these tissue types [338]. A challenge for this proposed extension of the work is that 

pericytes have a tendency to take over co-cultures with ECs; thus, it will be imperative to alleviate this 

behavior as much as possible.  

Still another chief concern prior to clinical use of any derived cell type is whether the cells can 

rebuild larger tissue constructs. The hydrogels investigated in this study were a few centimeters in any 

dimension. Studying hydrogels of larger dimensions will be important to examine whether EVC network 

formation is still achievable, as the center of the hydrogel in much larger matrices may start to experience 

hypoxia due to the dense nature of the construct. Scrutinizing whether differences exist in larger matrices 

will hold important translational value to rebuilding vascular networks in larger tissue.  

Along this same vein, it would be particularly interesting to assess whether EVCs can form 

networks in decellularized matrices, which preserve the native ECM protein structure of the tissue. Studies 

in this area would underscore whether EVCs can specifically localize to vascular ECM within 

decellularized tissue to rebuild vessels in a guided manner, instead of via self-assembly as we described in 

this work. 

 Overall, this thesis work brings us closer to the recreation of patient specific tissue with 

translational potential and lays the groundwork for future studies geared toward clinical realization.  
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